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SUMMARY
INTRODUCTION

Actin turnover is the central driving force underlying
lamellipodial motility. The molecular components
involved are largely known, and their properties
have been studied extensively in vitro. However, a
comprehensive picture of actin turnover in vivo is still
missing. We focus on fragments from fish epithelial
keratocytes, which are essentially stand-alone motile
lamellipodia. The geometric simplicity of the fragments and the absence of additional actin structures
allow us to characterize the spatiotemporal lamellipodial actin organization with unprecedented detail.
We use fluorescence recovery after photobleaching,
fluorescence correlation spectroscopy, and extraction experiments to show that about two-thirds of
the lamellipodial actin diffuses in the cytoplasm
with nearly uniform density, whereas the rest forms
the treadmilling polymer network. Roughly a quarter
of the diffusible actin pool is in filamentous form as
diffusing oligomers, indicating that severing and debranching are important steps in the disassembly
process generating oligomers as intermediates. The
remaining diffusible actin concentration is orders of
magnitude higher than the in vitro actin monomer
concentration required to support the observed
polymerization rates, implying that the majority of
monomers are transiently kept in a non-polymerizable ‘‘reserve’’ pool. The actin network disassembles
and reassembles throughout the lamellipodium
within seconds, so the lamellipodial network turnover is local. The diffusible actin transport, on the
other hand, is global: actin subunits typically diffuse
across the entire lamellipodium before reassembling
into the network. This combination of local network
turnover and global transport of dissociated subunits
through the cytoplasm makes actin transport robust
yet rapidly adaptable and amenable to regulation.

Cell motility is fundamentally important in morphogenesis,
wound healing, and the immune response. One of the best-studied basic types of cell movement is lamellipodial motility [1, 2],
characterized by a thin (0.1–0.2 mm), broad (10–40 mm) motile
appendage containing a dynamic actin network enveloped by
the plasma membrane [3]. Lamellipodial protrusion is driven by
actin polymerization at the leading edge [4] (Figure S1A). As
new actin assembles at the front, older filaments are pushed
away from the leading edge and eventually disassemble. Despite
substantial progress in studying the regulation of lamellipodial
actin dynamics [2, 5, 6], its complexity still defies quantitative
understanding [7].
Here we focus on actin turnover, which is a fundamental part of
lamellipodial motility. Two possible limiting scenarios for actin
turnover have been put forward: the network-treadmilling model
[8–10], in which actin assembly occurs primarily at the leading
edge with slow network disassembly everywhere (global
network turnover; Figure S1Bii), and the nucleation-release
model [11, 12], where rapid actin assembly and disassembly
take place throughout the lamellipodium (local network turnover;
Figure S1Biii). Measurements of the actin turnover rates in the
lamellipodium support the nucleation-release model in some
cell types [12–15] and network treadmilling in other cell types
[16] (see STAR Methods).
Actin turnover and recycling in vivo involve a host of actinbinding proteins that associate with actin monomers and/or
filaments. The different actin subpopulations interchange continuously, and this has a substantial effect on the dynamics, as
each subpopulation is characterized by different kinetics [2, 4].
The relative size of the actin subpopulations is largely unknown,
as direct measurements by techniques such as labeling with
actin-binding probes, photoactivation, or cell extraction cannot
discriminate between all the various subpopulations [4, 17–21].
It is also unclear how the presence of monomer-binding proteins
including thymosin and profilin influence the effective critical
concentration of actin in vivo (see STAR Methods). To add to
this complexity, recent research shows that the synergistic action of several proteins, including coronin, cofilin, Aip1, twinfilin,
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and Srv2/CAP [22–25], as well as the activity of myosin motors
[26, 27] accelerate network disassembly by promoting filament
severing and debranching, which leads to the production of actin
oligomers. Importantly, these studies imply that the actin
network does not disassemble into monomers directly but rather
first breaks into short actin filaments, which are disconnected
from the network and small enough to diffuse in the cytoplasm.
Because a detailed molecular picture of all the reactions
involved in actin turnover in motile cells is still beyond reach [6,
28], our aim here is to characterize actin turnover and transport
in a coarse-grained yet quantitative manner. We seek to
measure the spatial distributions of the main lamellipodial actin
subpopulations and the transitions between them. To avoid
complications related to fluctuating actin concentrations, heterogeneous lamellipodium-lamellum actin networks [29], or the
presence of a cell body with a cortical actin network that
obscures measurements in the rear part of the cell, we use lamellipodial fragments from motile keratocytes [30, 31]. These fragments have a simple, persistent geometry and undergo rapid
movement like whole cells, while lacking a cell body and any
competing actin structures. Using this model system, we characterize the steady-state lamellipodial dynamics with unprecedented detail, combining experimental measurements with
mathematical analysis to generate a comprehensive picture of
actin turnover. We find that there is roughly 2-fold more actin
in the diffusible pool compared to the network, and show that
oligomers constitute a sizable fraction of this diffusible pool.
The network turns over rapidly and locally, with actin assembly
and disassembly occurring within seconds throughout the lamellipodium, while the diffusible actin remains nearly uniformly
distributed. The model suggests that even though the actin
network turnover is local, monomer transport is global. This
global transport is made possible by the vast amount of non-polymerizable actin, which exchanges rapidly with the polymerizable actin pool. Consequently, actin subunits typically diffuse
across the lamellipodium before reassembling into the network.
This has profound implications for lamellipodial motility, allowing
cells to move in a robust manner yet maintain the ability to rapidly
adapt to changing conditions.
RESULTS
The Majority of Actin Is Diffusible
To measure the filamentous actin density in fragments in absolute numbers, exogenous actin filaments are added as standard
markers and the fragments and filaments are fixed and stained
with phalloidin [3]. The filamentous actin density in the lamellipodium is determined by quantitative densitometry, using the
added filaments to calibrate the fluorescence intensity per filament (Figures 1A–1C; STAR Methods). We find that the average
actin filament area density in the lamellipodium is 400 ± 100 (mm
filaments)/mm2 (mean ± SD). Assuming that the lamellipodial
thickness is 200 nm [3, 32], this translates to an average molar
concentration of 1,200 ± 300 mM actin subunits in filamentous
form (Figure 1C). These values are comparable to lamellipodial
actin filament concentrations in other cell types, measured by
this method [3] or by counting filaments in electron micrographs
[17, 33] (e.g., 1,600 mM in fibroblasts [3], 500 mM in B16-F1 cells
[17]). The filament density goes down as a function of distance
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from the leading edge (Figures 1A and 1B), indicating that there
is net disassembly throughout the lamellipodium. Near the trailing edge, this trend reverses, and the density increases as filamentous actin accumulates at the rear boundary.
A large fraction of the actin in the lamellipodium is not associated with the network. To obtain quantitative information
regarding the size of this diffusible actin pool, we compare the
amount of actin before and after extracting the diffusible cytosolic constituents (Figure 1D) [17]. We introduce low levels of
fluorescent actin (<1% of endogenous actin levels) into lamellipodial fragments by electroporation, and use Triton X-100 to
rapidly disrupt the membrane in the presence of high-molecular-weight polyethylene glycol (PEG) and phalloidin, which stabilize the network. This extraction protocol has been shown to
preserve the filamentous actin network [17, 34] while effectively
removing soluble components (Figure 1D). Thus, the fluorescence signal before extraction reflects the cumulative distribution of all actin subpopulations (Figures 1D and 1E), whereas
the actin signal after extraction is only due to the non-diffusible
network actin (Figures 1D and 1F). The amount of diffusible actin
is determined from the difference in the fluorescence intensity
before and after extraction for each fragment. We find that on
average 70% of the actin in fragments resides in the diffusible
actin pool, whereas the remaining 30% forms the filamentous
lamellipodial network (Figure 1G).
Uncapped Barbed and Pointed Ends Are Distributed
throughout the Lamellipodium
The turnover dynamics of actin filaments occur preferentially at
filament ends, with polymerization occurring at uncapped
barbed ends and depolymerization at pointed ends [1, 6]. To
map the distribution of uncapped filament ends, we permeabilize
fragments, following a brief fixation step, and introduce fluorescent actin monomers that polymerize onto the uncapped filament ends and label them [35, 36]. Two different types of labeled
actin are used to label the barbed and pointed ends distinctly
[36]. This is combined with phalloidin labeling to obtain a tertiary
stain of the filamentous actin and the uncapped barbed and
pointed ends, all within the same fragment (Figure 2).
We find that uncapped barbed ends are enriched at the leading edge (Figures 2A and 2D), while the pointed ends are biased
toward the rear (Figures 2A and 2E). A ratio image of the barbed
end labeling over the pointed end labeling clearly illustrates the
spatial polarization of the lamellipodial actin network, with
barbed end enhancement near the leading edge (Figure 2C).
However, the majority of uncapped barbed ends are distributed
throughout the lamellipodium: less than 10% of the uncapped
barbed ends are localized within 1 mm of the leading edge, while
the remaining 90% are broadly spread throughout the lamellipodium (Figure 2G). Thus, a substantial portion of actin assembly
is expected to occur away from the leading edge. Similarly, we
find a broad distribution of uncapped pointed ends throughout
the lamellipodium (Figure 2E), indicating that disassembly processes are also widespread.
The Lamellipodial Actin Network Turns over Rapidly
The turnover of the lamellipodial network is characterized by
following the fluorescence recovery after photobleaching
(FRAP) of actin. Two different types of labeled actin probes are
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Figure 1. Quantitative Analysis of Actin in
Fragments

(A–C) Quantitative measurements of the filamentous actin in fragments.
(A) Fluorescence images of a fragment and a
filament (inset) after fixing and staining with Alexa
Fluor 546-phalloidin. The exposure times are 1003
longer for filaments compared to fragments.
(B) The molar filamentous actin concentration
(subunits per volume) as determined by quantifying the number of actin filaments per unit area
and assuming a uniform lamellipodial thickness of
0.2 mm (see STAR Methods). The filamentous actin
concentration along a cross-section is shown as a
D
function of the normalized distance from the
leading edge (front-to-rear distance = 1). Traces
for individual fragments are plotted (thin lines)
along with the population average (thick line).
(C) A histogram of the average filamentous actin
concentration in individual fragments for the
population of fragments shown in (B).
(D–G) Extraction experiments show that most of
the lamellipodial actin is diffusible.
(D) Phase-contrast and fluorescence images
showing the distribution of Alexa Fluor 488-actin
and Texas red 3kDa dextran in the same fragment,
before (top) and after extraction (bottom). The
diffusible cytoplasmic constituents, including the
diffusible actin and the dextran volume marker, are
removed during the extraction step.
E
F
G
(E) The distribution of total actin in fragments along
a cross-section from front to rear, perpendicular to
the leading edge. The population-average actin
intensity before extraction (N = 18) (thick line) is
plotted together with the SD (shaded region). The
actin intensity within each fragment is normalized
to have mean 1.
(F) The distribution of non-diffusible (network) actin
in fragments along a cross-section from front to
rear. The population-average actin intensity after
extraction (N = 18) (thick line) is plotted together
with the SD (shaded region). The intensity normalization within each fragment is determined before extraction (as in E) to have mean 1, so the intensities after
extraction reflect the relative fraction of the network actin from the total actin.
(G) A histogram of the fraction of diffusible actin in fragments, determined from the difference between the integrated actin signal in fragments before extraction
(total actin) and after extraction (network actin). The average diffusible actin fraction is 0.69 ± 0.16 (mean ± SD; N = 18).

introduced into fragments by electroporation (Figure 3A; STAR
Methods). An 1 mm region of interest (ROI) near the center of
the leading edge is bleached in one channel, whereas the second channel is used as a reference, to correct for local variations
in actin density. The recovery time for the diffusible actin after
bleaching (through diffusion of unbleached actin into the ROI)
is shorter than the duration of the bleaching step (0.5 s).
Thus, the relative drop in the ROI fluorescence intensity in the
first frame after bleaching is a measure of the fraction of non-diffusible network actin (Figure 3C). We find that about a third of the
lamellipodial actin is associated with the network, whereas the
remaining two-thirds forms the diffusible actin pool (Figure 3E).
These results are in excellent agreement with the extraction
experiments, which provide an independent measure of the
fraction of diffusible actin (Figure 1G).
The network turnover rate can be determined from the recovery of the actin signal after bleaching. To correct for overall actin
density variations as the fragment moves forward, we consider
the ratio between the signal intensity in the bleached channel

and the control channel (Figures 3B and 3C). The lamellipodial
network in keratocyte fragments exhibits negligible retrograde
flow in the lab frame of reference [31], so the bleached network
remains essentially stationary in the lab frame of reference as
the fragment moves forward (Figure 3B). We find that the recovery time of the average ratio signal is 4 s (Figure 3C), and does
not vary significantly as a function of distance from the leading
edge (Figure S2F). Fitting the ROI ratio signal in each fragment
separately and averaging the recovery times determined for
individual fragments gives a similar value (Figure 3D). The rapid
recovery measured in the FRAP experiments indicates that
network assembly processes are not restricted to the leading
edge, consistent with the broad distribution of uncapped actin
filament ends (Figure 2).
Interestingly, the actin levels in the bleached channel do
not return to the level of the reference actin channel even after
>15 s. This is reflected in the ROI ratio signal, which recovers
to only 90% of its original value (Figure 3C). These observations
suggest that whereas most of the actin filaments turn over
Current Biology 27, 2963–2973, October 9, 2017 2965
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Figure 2. The Distribution of Uncapped Actin Filament Ends
(A) Fluorescence images showing the distributions of uncapped barbed ends
(red; rhodamine-actin), uncapped pointed ends (blue; Alexa Fluor 488-actin),
and filamentous actin (green; Alexa Fluor 680-phalloidin) in a fragment
following fixation and end labeling (STAR Methods).
(B) An overlay of the uncapped barbed ends, uncapped pointed ends, and
actin network density for the fragment shown in (A).
(C) A ratio image depicting the barbed end signal divided by the pointed end
signal for the fragment shown in (A).
(D–F) The intensity along a cross-section perpendicular to the leading edge is
plotted as a function of the normalized distance from the leading edge for
uncapped barbed end labeling (D), uncapped pointed end labeling (E), and
filamentous actin (F). Population averages (lines; N = 137) are shown together
with the SD (shaded regions).
(G) The percentage of uncapped barbed ends at the leading edge is calculated
by taking the ratio of the integrated fluorescence intensity of barbed end
staining in a 1-mm-wide strip along the leading edge and the integrated signal
over the whole fragment. A histogram of the percentage of uncapped barbed
ends at the leading edge in a population of fragments is shown.

rapidly, some of the filaments are substantially more stable and
remain associated with the network for considerably longer.
The Diffusible Actin Pool Contains a Significant Amount
of Oligomers
To characterize the components of the diffusible actin pool, we
turn to fluorescence correlation spectroscopy (FCS) experiments, which probe the dynamics of molecules at much shorter
timescales (Figures 4A–4C). Distinct actin subpopulations are
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examined using different probes conjugated to the same fluorophore. Specifically, we use Alexa Fluor 488-actin, which incorporates into all actin subpopulations, Alexa Fluor 488-phalloidin,
which associates with filamentous actin, and a free Alexa Fluor
488, which has comparable size to phalloidin but does not
bind actin. Each probe is first calibrated in solution and then
electroporated at low levels into fragments (STAR Methods).
Because the fragments are moving, we perform FCS measurements by positioning a stationary laser beam in front of the motile
fragments, so that the beam crosses the lamellipodium along its
midline, perpendicular to the leading edge, as the fragments
translocate forward (Figure 4A). The fluorescence autocorrelation function is averaged within the lamellipodium over 10–15 s.
The FCS autocorrelation function of Alexa Fluor 488-actin in
live fragments decays with a half-life time ranging between
0.7 and 2 ms (Figure 4B). The labeled actin resides in all the actin
subpopulations, including the network actin and the various
diffusible subpopulations. The network actin is essentially
stationary in the lab frame of reference [31], and the typical timescale for exchange between the network and the diffusible actin
pool is seconds (Figure 3). As such, the fluorescence signal
emanating from the network does not contribute to the
decay of the correlation function over the relevant timescales
(<102 ms), implying that the fluorophores in the network most
likely photobleach before the start of the correlation function
accumulation.
The correlation functions for labeled actin in individual fragments (Figure 4B) should thus reflect the cumulative contribution
from all the diffusing actin subpopulations, including monomers,
monomers associated with different actin-binding proteins, and
short pieces of filamentous actin of different lengths (oligomers).
The diffusion time of actin monomers, monomers with different
binding partners, as well as very short oligomers should be comparable (because the diffusion time of globular particles is
approximately volume1/3), whereas longer oligomers are expected to diffuse more slowly. The observed normalized correlation functions exhibit considerable heterogeneity between
different fragments (Figure 4B). This variation could arise from
heterogeneity in the lamellipodial environment among individual
fragments (due to differences in cytoplasmic viscosity and/or
network density), or from differences in the relative proportion
of monomers and oligomers of different sizes. Because it is
hard to separate the influence of the environment, it is difficult
to infer the size distribution of diffusible actin species from these
measurements. Nevertheless, because monomers (with or
without binding partners) are probably the most abundant
component of the diffusible actin pool, we can use these results
to obtain a (lower-bound) estimate for the effective diffusion
coefficient of actin monomers in the lamellipodium. To that
end, we fit the correlation function from individual fragments to
a simple 2D diffusion model. The measured correlation functions
can be fit reasonably well with this model (Figure S3; STAR
Methods), giving diffusion times of 0.7–2 ms (for a spot size of
radius wxy = 0.29 mm; Figure 4C). This translates to effective
diffusion coefficients ranging between 10 and 30 mm2/s, with
an average value of D = 15 ± 8 mm2/s (mean ± SD; N = 6). These
values are comparable to the results of previous studies
that measured actin diffusion coefficients in cells in the range
of 3–30 mm2/s [18, 37–40].
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B

Figure 3. FRAP Analysis of Lamellipodial
Actin Turnover

(A) Confocal images of a live fragment electroporated with two types of labeled actin, Alexa
Fluor 647-actin (magenta) and Alexa Fluor 488actin (green). An 1 mm2 region (ROI) at the center
of the lamellipodium, positioned near the leading
edge (white box), is bleached in one channel, and
the other channel is used as a reference. A strip
perpendicular to the leading edge (dashed region)
is imaged as a function of time in both channels.
(B) Kymographs showing the intensity as a funcC
D
E
tion of time along a line perpendicular to the
leading edge for the fragment shown in (A). The
bleached channel (magenta; Alexa Fluor 647actin) and the ratio between the bleached channel
and the control channel (gray; Alexa Fluor 647actin/Alexa Fluor 488-actin) are depicted. The
arrow indicates the time of bleaching. Scale bar,
2 mm.
(C) The ROI ratio intensity (Alexa Fluor 647-actin/
Alexa Fluor 488-actin) as a function of time after
bleaching is measured in individual fragments and
normalized by setting the pre-bleach value to 1.
The average normalized ROI ratio intensity from a
population of fragments (N = 26) is plotted as a function of time after bleaching (line) together with the SD (shaded region). The average recovery is fit to an
exponential function, RðtÞ = ð1  εÞ  a,et=t , with t; a; ε as fit parameters (top).
(D) ROI ratio intensity profiles from individual fragments are fit to an exponential as in (C). A histogram of the fitted recovery times (t) from individual fragments is
depicted. The average recovery time is 4.0 ± 1.6 s (mean ± SD; N = 26).
(E) The drop in the ROI ratio intensity (DR) between the pre-bleach value (1) and the first frame after bleaching reflects the fraction of network actin. A histogram of
the fraction of diffusible actin (1  DR) in a population of fragments is shown. The average diffusible actin fraction determined from the FRAP experiments is 0.62 ±
0.11 (mean ± SD; N = 26).
See also Figure S2.

To discriminate between oligomers and monomers in the
diffusible actin pool, we perform additional FCS experiments
using Alexa Fluor 488-phalloidin as an actin filament-binding
probe. Phalloidin binds the cleft between two adjacent actin
subunits within a filament, and is therefore a highly specific
probe for filamentous actin with negligible affinity to actin monomers [41]. The association of phalloidin with a much larger actin
filament slows its diffusion considerably, allowing the detection
of oligomers despite the presence of a large population of actin
monomers [42]. Within the lamellipodium, phalloidin will be
mostly bound to filaments (network filaments or diffusing filaments), due to its high affinity and the huge molar excess of filamentous actin (phalloidin:actin <1:103). The network-bound
probe will bleach (as in the actin measurements), because the
network dynamics are slow (timescales of approximately
seconds), and the kinetics of phalloidin unbinding are even
slower. Thus, the fluorescence correlation signal for Alexa Fluor
488-phalloidin is expected to be dominated by the dynamics of
diffusing filaments. The phalloidin correlation function decays
more slowly than labeled actin (Figures 4B and 4C), indicating
the presence of mobile actin filaments, whose diffusion is
considerably slower than that of actin monomers. By fitting the
correlation function from individual fragments to a simple 2D
diffusion model (Figure S3), we estimate the effective diffusion
coefficient for oligomers to be 5 ± 1 mm2/s (mean ± SD;
N = 9), which is approximately 3-fold smaller than the monomer
diffusion coefficient (Figure 4C). A rough estimate of the average
oligomer length from this measurement is 35 nm (13 subunits;
STAR Methods). This estimate is comparable to in vitro data

showing that actin filaments are severed into 20-subunit-long
fragments, before breaking up into monomers [25].
Control experiments with the same dye lacking the actin
filament-binding phalloidin group showed that its diffusion time
in the lamellipodium (134 ± 10 ms) is more than an order of magnitude faster than Alexa Fluor 488-phalloidin (4 ± 1 3 103 ms;
Figures 4B and 4C). The considerably slower diffusion of Alexa
Fluor 488-phalloidin, together with the known specificity of
phalloidin for filamentous actin, strongly argues that the FCS
experiments with phalloidin report the dynamics of short, mobile
actin filaments (oligomers), which are not associated with the
network.
After establishing the presence of diffusing actin oligomers in
the lamellipodium, we sought to measure their abundance. As explained above, the correlation signal of Alexa Fluor 488-phalloidin
is dominated by the signal from phalloidin-bound diffusing oligomers, allowing us to measure the concentration of labeled
oligomers in the lamellipodium. However, because the labeling
fraction varies between fragments, to infer the concentration of
diffusing oligomers (labeled and unlabeled) from these measurements, we need to calibrate the total amount of label in each fragment. To that end, we used quantitative densitometry to measure
the total fluorescent phalloidin signal (which is mostly filament
bound) in each fragment, immediately before performing FCS
analysis (STAR Methods). To determine the abundance of oligomers, we take the ratio of the FCS count rate that emanates
primarily from labeled diffusing filaments and the total signal
(Figure 4D; STAR Methods). We find that the average mobile filament fraction in fragments is 21% ± 9% (mean ± SD; N = 26).
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Figure 4. The Diffusible Actin Pool Contains
Monomers and Oligomers

(A) A schematic illustration of the FCS experiments. A fluorescent probe is present at low concentration in a motile fragment. FCS analysis is
done by positioning a laser beam in front of the
center of the leading edge of the fragment, so that
as the fragment moves forward the beam crosses
its lamellipodium, along a line perpendicular to the
leading edge.
(B) The normalized FCS correlation as a function of
lag time is depicted for the different probes used:
Alexa Fluor 488-actin, Alexa Fluor 488-phalloidin,
and Alexa Fluor 488. The normalized correlation
functions measured in individual fragments (thin
lines) are shown together with the average correD
C
lation (thick lines) for each probe.
(C) The average diffusion times and effective
diffusion coefficients determined from the FCS
experiments for each probe. The values are
determined by fitting the normalized correlation
function to a simple diffusion model in solution (3D)
and in the lamellipodium (2D). The asterisk indicates that this value is taken from the literature
E
as explained in the STAR Methods.
(D) The diffusible filament fraction is determined
F
from the FCS experiments with Alexa Fluor 488phalloidin, as the ratio between the FCS count rate
(due to diffusing phalloidin-bound filaments) and
the total count rate (from all phalloidin-labeled filaments) inferred from the average lamellipodial
fluorescence intensity (STAR Methods). A histogram of the fraction of diffusible phalloidin is depicted. The average fraction of diffusible filaments
from the total filamentous actin pool in fragments
is 0.21 ± 0.9 (mean ± SD; N = 26).
(E) Phase-contrast and fluorescence images showing the distribution of Alexa Fluor 546-phalloidin in the same fragment, before (top) and after extraction
(bottom). The diffusible phalloidin fraction, which includes phalloidin-bound actin oligomers, is removed during the extraction step.
(F) The diffusible filament fraction is determined as the ratio between the integrated extracted phalloidin signal (difference between the signal before and after
extraction) and the integrated signal before extraction (STAR Methods). A histogram of the fraction of diffusible filaments from the total filamentous actin pool in
the fragments is depicted. The average diffusible phalloidin fraction determined from the extraction experiments is 0.32 ± 0.18 (mean ± SD; N = 11).
See also Figure S3.

We obtain an independent estimate for the fraction of mobile
filaments from extraction experiments. In this case, we use phalloidin as a filament-binding probe to discriminate between filaments associated with the network and diffusing filaments. We
introduce low levels of phalloidin into fragments by electroporation and compare the amount of signal before and after extraction (STAR Methods). The phalloidin signal before extraction
reflects the distribution of all filamentous actin, whereas the
signal after extraction is only due to network filaments (Figure 4E).
We find that on average 32% ± 18% (mean ± SD; N = 11) of the
phalloidin is extracted, while the remaining fraction is bound to
the network (Figure 4F). The fraction of diffusible actin filaments
deduced from the extraction experiments is thus comparable to
the results obtained from FCS experiments in live fragments
(Figure 4D).
A Model of Actin Turnover in the Lamellipodium
To understand the basic nature of actin turnover in the lamellipodium, we first analyze the implications of our measurements with
regard to the kinetics of transitions between the total amounts of
four subpopulations of actin (Figure 5A; STAR Methods).
2968 Current Biology 27, 2963–2973, October 9, 2017

Namely, we consider the average concentrations of polymerizable monomers (g), non-polymerizable monomers (G), oligomers
(f), and network actin (F). We assume that network actin
disassembles into oligomers, which break up into monomers,
which in turn can switch between a polymerizable and a nonpolymerizable form (Figure 5A). The average concentrations for
the four subpopulations (F, f, G, and g) can be determined
based on our results and the assumption that the assembly
rate of polymerizable monomers in vivo is similar to the rates
measured in vitro. Because we know the amount of filamentous
actin in absolute numbers (Figures 1A–1C), we can infer the
concentrations of the four actin subpopulations: F z 800 mM,
f z 400 mM, G z 1,200 mM, and g z 20 mM (Figure 5A).
To specify the model, we need the effective reaction rates for
network disassembly (r), oligomer disassembly (c), monomer
assembly (a), and the transitions between polymerizable and
non-polymerizable monomers, b and k. We directly measure
only one of these rates, r z 0.25/s (Figure 3). However, we can
infer the other rates from flux balance analysis and the assumption that the rate of actin-thymosin dissociation, assumed to
mediate the transition of monomers from the non-polymerizable

A

B

C

to the polymerizable pool, is the same as that measured in vitro
[43, 44] (Figure 5A).
To study the spatial actin densities, we consider a 1D reaction-diffusion-drift model (Figure 5B), incorporating the
measured rearward drift of the actin network (V) and diffusion
of oligomers (Df) and monomers (D). The model equations’ numerical solution gives the spatial distributions of the network
actin, the diffusible oligomers, and the polymerizable and
non-polymerizable monomers along the anterior-posterior direction (Figure 6A). The main model prediction is that the

Figure 5. Mathematical Model for Lamellipodial Actin Turnover
(A) Schematic illustration of the reactions involved
in lamellipodial actin turnover between the
different actin subpopulations: polymerizable actin
monomers assemble onto uncapped barbed ends
in the network, network severing yields oligomers,
oligomers disassemble into polymerizable actin
monomers, and monomers exchange between
polymerizable and non-polymerizable forms (top).
At steady state, the system has to exhibit flux
balance. This allows us to infer the average bulk
concentration of each actin subpopulation and the
relevant reaction rates (bottom).
(B) Schematic illustration of the mathematical
model for actin turnover in fragments (top) and its
formulation in terms of reaction-drift-diffusion
equations in one dimension (bottom). The equations describe the time evolution of the spatial
concentrations of the actin subpopulations,
incorporating the reactions described in (A) and
taking into account actin network flow and the
diffusion of monomers and oligomers.
(C) Schematic illustration of the life cycle of an
actin subunit based on the model.
See also Figures S4 and S5.

steady-state density of diffusible actin
is nearly uniform. This can be understood intuitively if we consider the relative rates of reactions, diffusion, and drift
in the system (Figure 5C). The time an
actin subunit spends between disassembly from the network and its subsequent assembly (5 s), during which it
undergoes multiple cycles of thymosin
binding and unbinding, is comparable
to the time required for a monomer to
diffuse across the lamellipodium (tD =
L2 / 2D  (10mm)2 / 2 , 15mm2/s  3 s).
Diffusive transport is therefore responsible for establishing a uniform monomer
concentration. The details of the biochemical reactions within the diffusible
actin pool do not matter here; as long
as a large fraction of the diffusible actin
is unavailable for polymerization, and
the exchange between the polymerizable
and non-polymerizable pools is fast,
actin subunits will diffuse across the
entire lamellipodium before reassembling into the network,
and all the model predictions hold (STAR Methods).
To test and confirm this model prediction, the spatial distribution of the diffusible actin can be determined experimentally from
the actin extraction experiments (Figure 1D). We use a small
dextran probe as a volume marker in addition to actin to correct
for local variations in lamellipodial height (STAR Methods), and
show that the diffusible actin fraction indeed has nearly uniform
concentration (Figure 6B). The model also reproduces fairly well
the observed distribution of network actin, decreasing away
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Figure 6. Model Predictions and Their Experimental Testing
(A) The model predicted steady-state distributions for the four actin subpopulations (left), and the distributions of diffusible actin, G + g + f, and network actin,
F (right), are plotted as a function of position along the front-to-rear axis.
(B) The measured diffusible actin concentration and network density in fragments as obtained from extraction experiments (Figures 1D and 1E). The diffusible
actin concentration is determined by locally subtracting the network actin density (after extraction) from the total actin density (before extraction) and dividing by
the local volume marker intensity (Texas red 3 kDa dextran) to correct for height variations (N = 11). To compare to the 1D model, the relative actin distributions are
determined by setting the average total actin along the cross-section to be 1. The observed diffusible and network actin density distributions (mean [lines] ± SD
[shaded regions]) are comparable to the model-predicted distributions shown in (A).
(C–E) Experimental analysis of the correlation between filamentous actin and uncapped barbed ends based on co-staining of filaments and uncapped filament
ends (Figure 2).
(C) Scatterplot of the average uncapped barbed end labeling intensity (rhodamine-actin) versus the average filamentous actin signal (Alexa Fluor 680-phalloidin)
from individual fragments (N = 137). A clear correlation between the level of uncapped barbed ends and the level of filaments is observed.
(D and E) The spatial correlation between the filamentous actin signal and the uncapped barbed end labeling intensity along a cross-section from front to rear is
examined in individual fragments.
(D) A histogram of the correlation coefficients computed in individual fragments is depicted. The vast majority of fragments (116 out of 137) exhibit positive
correlation between the uncapped barbed ends and the filamentous actin distributions.
(E) The spatial distribution of the filamentous actin signal and the uncapped barbed end labeling as a function of distance from the leading edge are plotted for the
fragment that exhibits the highest correlation (0.98).

from the leading edge and accumulating at the very rear (Figure 6B). The model further predicts that the network actin density
can be approximately estimated as FðxÞzðag=rÞbðxÞ (STAR
Methods). Because the monomer concentration (g) is almost
uniform, the network actin distribution should be proportional
to the distribution of the uncapped barbed ends, FðxÞfbðxÞ.
The observed correlation between the average amounts of
network actin and uncapped barbed ends in a population of fragments (Figure 6C), as well as the spatial correlation between the
network actin and uncapped barbed end distributions within individual fragments (Figures 6D and 6E), confirms this prediction.
To reveal the organizing principles of actin turnover in lamellipodia, we numerically simulate the system’s response to
changes in actin network dynamics in space and time in the
presence and absence of the vast non-polymerizable diffusible
actin pool (Figure S6; STAR Methods). We find that the rapid
exchange with the large non-polymerizable pool buffers temporal fluctuations in the network assembly rate (Figure S6B), yet the
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cell is able to respond to internal or external cues within seconds,
thanks to the rapid (approximately a few seconds) diffusive
transport of dissociated actin subunits (Figure S6C). Finally,
the proposed model makes it possible for a cell to rapidly increase the total amount of network actin if needed, without
compromising the concentration of polymerizable monomers
or cell speed, by unloading some of the reserve non-polymerizable monomer pool into the network.
DISCUSSION
To achieve quantitative understanding of actin turnover, we utilize rapidly moving lamellipodial fragments that are geometrically
simple, structurally homogeneous, and persistent, and measure
relevant rates and concentrations in this system. We find that the
lamellipodial actin network density is 0.8 mM and decreases
approximately 2-fold from front to rear (Figure 1E), conforming
to earlier studies [3, 17, 31, 45] and suggesting a slow net

network disassembly rate. Our results indicate that this net
disassembly rate reflects the combined effect of much faster
network disassembly and reassembly occurring throughout the
lamellipodium.
Both FRAP and extraction experiments show that roughly
two-thirds of the actin is in the diffusible pool, so the diffusible
actin concentration is 1.6 mM. Roughly a quarter of this
diffusible actin is in filamentous form as short diffusing oligomers (400 mM, 13 subunits). These results are aligned with
earlier work [40, 42, 46], suggesting that the presence of oligomers is a general feature of cellular actin networks. These observations are also consistent with a growing body of studies
on the molecular mechanisms of actin network disassembly,
which highlight severing and debranching as important steps
that generate oligomers as intermediates in the disassembly
process [22–25, 27]. The remaining diffusible actin concentration is still orders of magnitude higher than the in vitro actin
monomer concentrations required to support the observed
polymerization rates, as noted previously in other cell types
[17]. It is thus highly unlikely that most of the diffusible actin
in cells is available for polymerization. Thus, we argue that
the majority of monomers are transiently kept in a ‘‘reserve’’
pool, unavailable for assembly, perhaps by being sequestered
by thymosin.
Our results indicate that the actin network turnover is local,
whereas the diffusible actin transport is global (Figure 5C). An
actin subunit typically travels in the network 1 mm before dissociating. The front-to-rear width of the fragment is an order of
magnitude longer than this, so every part of the network undergoes 10 cycles of reassembly across the lamellipodium.
In contrast, actin subunits typically diffuse across the entire
lamellipodium before reassembling into the network. This
combination of local network turnover and global transport of
dissociated subunits through the cytoplasm makes actin transport robust yet rapidly adaptable and amenable to regulation
(Figure S6; STAR Methods). We note that in the case of larger
cells, estimates that led to these conclusions will have to be
reexamined.
Actin turnover in motile cells has been the subject of intense
studies for decades, yet the underlying organizing principles
have remained elusive. In this study, by focusing on lamellipodial
fragments as a relatively simple model system, we are able to put
forward a realistic, whole-lamellipodial model for actin turnover.
This model, characterized by local actin network turnover and
global diffusive transport, is extremely robust to the underlying
biochemical details, many of which are still unknown, and reveals how the lamellipodium is able to sustain rapid protrusion
while remaining responsive to external cues. Comparison with
published results in many other cell types suggests that the
main features of our model are relevant for lamellipodial motility
across a broad range of cell types.
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Keren (kinneret@physics.technion.ac.il).
EXPERIMENTAL MODEL AND SUBJECT DETAILS
Cell culture and fragment preparation
Lamellipodial fragments are prepared from primary keratocyte cultures from the Central American cichlid H. nicaraguensis as
previously reported [31]. Scales are plucked from the fish body of healthy mature male or female fish. The scales are rinsed in enriched medium (Leibovitz’s L-15 medium (GIBCO BRL), supplemented with 14.2 mM HEPES pH 7.4, 10% FBS (Invitorgen) and
1% antibiotic-antimycotic (Sigma Aldrich), sandwiched between two coverslips and incubated overnight at room temperature
(RT). The cells are replated onto a glass-bottom petri dish (FluoroDish, World Precision Instruments) following treatment with trypsin
(GIBCO BRL). Fragment formation is induced after several hours by treating cells with 100 nM staurosporine (Sigma) in 1 mL medium
for 30 min at 35 C, with the lid half open. The cultures are then washed with normal medium and allowed to recover at RT for at least
15-30 min.
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METHOD DETAILS
Actin labeling
Skeletal actin is purified from chicken skeletal muscle using standard protocols. Actin is chemically labeled with one of the following
dyes, tetramethylrhodamine iodoacetamide, Alexa Fluor 488 Carboxylic Acid Succinimidyl Ester, or Alexa Fluor 647 Carboxylic Acid
Succinimidyl Ester (all from Molecular Probes). The actin is labeled in filamentous form, and subsequently purified by two cycles of
polymerization and depolyemrization. For FRAP, FCS and extraction experiments we use a labeling ratio of 50%, while for ends
labeling we use a labeling ratio of 10%. The labeled actin is stored in G-buffer (10mM Tris-HCl pH 8.6, 0.1mM DTT, 0.2mM
ATP, 0.1mM CaCl2).
Quantitative filamentous actin labeling
Quantitative measurements of actin filament distribution in fragments are done by adding actin filaments to fixed samples as
calibrated probes [3]. Actin filaments are generated by incubating 2 mM actin in G-Mg buffer (2 mM Tris-HCl pH 8, 0.5 mM DTT,
0.2 mM ATP and 0.1 mM MgCl2) for 1 hr on ice, followed by the addition of 10 3 F-buffer (250 mM Tris-HCl pH 8, 1 M KCL,
20 mM MgCl2, 10 mM ATP and 1 mM DTT) and allowing the polymerization process to proceed for 15 min – 1 hr at room temperature.
Filaments are diluted 100 3 into Phosphate Buffered Saline (PBS, GIBCO BRL) containing 0.2 mM phalloidin Alexa Fluor 546 and
incubated on ice for at least 5 min. At the same time, a cell culture sample after fragment preparation is fixed with 4% formaldehyde
in CBS buffer (10 mM MES pH 6.1, 117 mM KCL, 3 mM MgCl2 and 2mM EGTA, 320 mM sucrose) for 15 min, followed by 2 3 PBS
washes. The sample is washed once with PBS-BT (PBS, 3% BSA and 0.1% Triton X-100), incubated with PBS-BT for 5 min,
washed 2 3 with PBS, and then left to equilibrate in a 100 mL of the diluted stained filament solution for 4 hr. The sample is then
sandwiched by placing a 22 mm round coverslip on top and extra filament solution is absorbed gently. The coverslip is sealed
with vaseline:lanolin:paraffin (at 1:1:1).
Stained fragments and filaments are imaged on the same coverslip using identical imaging conditions, except that filaments are
imaged using exposure times 100 3 longer. The total fluorescence intensity of an actin filament per unit length is calculated by
manually taking perpendicular cross-sections of individual filaments and calculating the integrated fluorescence per unit length.
The average filament intensity per unit length is determined by taking the mean value obtained from 80 filaments on each coverslip.
This value is then used to calibrate the amount of filaments per mm2 in fragments (Figure 1C). The data shown is taken from 3 independent experiments (N50 fragments per experiment).
Extraction experiments
Extraction experiments are done by introducing labeled probes into live fragments and imaging the same fragment before and
after extraction. The probe is electroporated into cells (prior to fragmentation) using a home-made electroporator for adherent cells
[31]. Following fragmentation, live electroporated fragments are identified and imaged, and then immediately extracted on the
microscope stage as in [34]. Extraction is done by replacing the cell medium with extraction solution: 1% Triton X-100, 4% Polyethylenglycol (PEG) 35000MW (Sigma), 10 mM unlabeled phalloidin (Molecular Probes) in m-buffer (50mM Imidazole, 50mM KCl,
0.5mM MgCl2, 0.1mM EDTA, 0.5mM EGTA) for 3 min, and then washing with m-buffer. The same fragments are subsequently
imaged again under the same conditions. For actin extractions we use an electroporation solution containing 50mM labeled actin
in G-buffer. The final cellular concentration of intracellular labeled actin is < 5mM which is < 1% of the endogenous actin. Extraction
experiments with actin and volume marker are done in a similar manner, except that 3kD 488-Dextran (1 mg/ml) is added to the electroporation solution. The spatial distribution of the diffusible actin concentration is obtained by dividing the difference between the
local actin signal before and after extraction by the local volume marker intensity (before extraction).
Extraction experiments with phalloidin are done with an electroporation solution containing 6 mM Alexa Fluor 546-phalloidin
(Molecular Probes). To prevent phalloidin aggregation, the phalloidin is pre-mixed with 5 mM (each) dNTP nucleotides and incubated
for 15 min at RT [31]. The phalloidin concentrations used are sufficiently low to assume that the actin dynamics are not perturbed
significantly, and that the majority of intracellular phalloidin is bound to filaments. The extracted fraction is calculated by subtracting
the integrated fluorescence signal after extraction from the total signal before extraction.
Actin filament ends labeling
Uncapped barbed and pointed ends labeling is done as described previously [36]. Samples are briefly fixed with 4% formaldehyde in
CBS buffer (see above) for 30 s. Samples are then washed with PBS-BT, and incubated with PBS-BT containing 0.2 mM Alexa Fluor
680-phallidin, 0.1 mM ATP and 2 mM rhodamine-actin monomers (staining mix) for 60 s to label the uncapped barbed ends. This
step leads to negligible labeling of uncapped pointed ends [36]. Subsequent labeling of uncapped pointed ends is done using a
longer incubation time and in the presence of capping protein (to prevent further labeling of uncapped barbed ends). Samples are
washed with PBS-BT, and incubated with PBS-BT containing 0.66 mM capping protein for 5 min, followed by labeling with a staining
mix containing 2 mM Alexa Fluor 488-actin supplemented with 0.66 mM capping protein for 10 min. Stained samples are washed with
PBS and mounted in VectaMount (Vector Labs, Burlingame, CA, USA).
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Microscopy
All images are acquired on a Zeiss AxioObserver inverted microscope (Zeiss), unless indicated otherwise. Images are acquired with a
CoolSnap HQ2 CCD camera (Photometrics) using a 63 3 oil objective (NA = 1.4) with a 1.6 3 optovar. All live cell imaging is performed
in enriched medium (see above) at RT.
Fluorescence Recovery After Photobleaching (FRAP)
Cells are electroporated as above with two types of labeled actin monomers, Alexa Fluor 647-actin and Alexa Fluor 488-actin, which
are mixed in the electroporation solution at 40 mM each. One label is bleached and the other is used as a reference for tracking
inherent variation of actin density. The total amount of labeled actin introduced into fragments is < 8 mM, which is < 1% of the endogenous actin pool. Following electroporation, fragmentation is induced as above. Before imaging, the samples are immersed in 2 mL
enriched medium that has been degassed overnight by slowly bubbling nitrogen, and supplemented with 10 mM D-succinate (in
0.2M HEPES ph 7) and 12 u/ml OxiFluor (Oxyrase). The medium is then covered with mineral oil which has been degassed in vacuum
overnight, to avoid fluid evaporation during the experiment.
FRAP experiment are done on a LSM 710 laser scanning confocal microscope (Zeiss), using a 63 3 oil lens (NA = 1.4). A full frame
scan of a fragment is first performed. Subsequently, a 128x8 pixel strip is defined perpendicular to the leading edge, so that it
encompasses the central strip of the fragment from front to rear, while allowing faster acquisition rate. Imaging is done simultaneously
in both channels, exciting with a 25 mW 488 nm multiline argon laser at 1%–8% power and a 5 mW 639 nm solid state laser at
0.5%–6% power, using appropriate filters. Photobleaching is done in one of the channels after 3 frames. A 1 mm diameter region
(ROI), positioned at the center of the lamellipodium, 0.5-3 mm from the leading edge, is bleached by scanning the laser beam over the
region at 100% laser power for 0.5 s. Imaging of the strip is subsequently continued for 30-45 s at 60-80 ms per frame. The bleaching dose was chosen as the lowest dose that leads to maximal levels of signal reduction. Higher bleaching doses were sometimes
found to induce damage and filament breakage in the network, which could be easily identified in our experiments by enhanced polymerization (on the newly-generated filament ends) leading to an increased signal in the ROI in the control channel.
The ROI fluorescence intensity is corrected by background subtracting the average intensity of a region outside the fragment, and
subsequently corrected for photobleaching by dividing the signal from the ROI by the signal from the entire frame for each time point.
The fraction of diffusible actin is determined from the drop in the fluorescence intensity in the ROI in the first frame after bleaching
compared to the pre-bleached signal. To account for local variations in the actin density, we consider the ratio between the corrected
fluorescence intensity in the ROI in the bleached channel and the reference channel, and normalize the ratio to have a value of 1 prior
to bleaching. The recovery rate is determined by fitting the normalized ratio signal to an exponential function, RðtÞ = ð1  εÞ  a,et=t ,
taking t; a; ε as fit parameters, where t is the timescale for recovery, a is the fraction recovered, and ε reflects the fraction of the ratio
signal that does not recover. The bleached region area is 1 mm2, which is < 1% of the fragment area. The decrease in signal due to a
reduction in the overall amount of labeled actin in the bleached channel is hence expected to be negligible in fragments (Figure 3), and
even smaller in whole cells (Figure S2). In particular, similar partial recovery is observed in FRAP experiments preformed in fragments
(Figure 3C) and in whole keratocytes (Figure S2), where the total pool of labeled probe is much larger, and hence artifacts associated
with bleaching a fraction of the overall labeled probe pool should be mitigated.
Fluorescence correlation spectroscopy (FCS)
FCS measurements are done using a LSM 710 laser scanning confocal microscope (Zeiss) with a Zeiss BiG detector which contains
two photomultipliers with GaAsP photocathodes. Different probes are used for FCS analysis: Alexa Fluor 488, Alexa Fluor 488phalloidin and Alexa Fluor 488-actin. All probes are excited with a 25 mW 488 nm multiline argon laser used at 0.5%–1% power.
The detector afterpulsing was calibrated on a white noise signal and subtracted from the measured correlation curves. Observations
are made using a 40 3 (NA = 1.25) water immersion objective. Fluorescence emission is separated from the laser light using a band
pass filter (525–550 nm). Each probe is calibrated prior to use by performing FCS analysis in solution. The fluorescence correlation
function of each probe in solution is fit to a simple 3D diffusion model, taking into account corrections due to triplet states. The beam
waist radius in our system is determined to be wxy = 0:29mm, by fitting the fluorescence correlation function for Alexa Fluor 488,
taking the measured value for its diffusion from the literature, 435mm2/s [47]. The beam waist determined is subsequently used
when calculating the effective diffusion coefficient of the other probes in solution, and for all probes in the lamellipodium (Figure 4C).
The probes are introduced into cells by electroporation, and fragmentation is subsequently induced as above. The electroporation
solutions for the different probes, empirically adjusted to yield similar intracellular probe concentrations (suitable for FCS), contain:
(i) 0.7mM Alexa Fluor 488; (ii) 3mM Alexa Fluor 488-actin in G-buffer or (iii) 3.5mM Alexa Fluor 488-phalloidin which is premixed with
dNTPs (as above). Fragments are imaged by DIC and in confocal mode immediately prior to FCS measurements, and a spot near
the leading edge is chosen for FCS analysis (Figure 4A). 20-50 autocorrelation measurements, lasting 2 s each, are carried out
as the fragment is moving forward (and hence the analysis spot is moving along a line from its initial position in front of the cell, toward
the rear of the lamellipodium, roughly perpendicular to the leading edge). For successive analysis, only the autocorrelation curves of
intensity traces exhibiting uniform fluctuations are taken into account and averaged together, and the correlation function is averaged
over a total time of 10-15 s in each fragment. Since very low labeling is used in the FCS experiments we expect that essentially all
labeled diffusing species, including actin monomers and oligomers, contain a single label. In particular, diffusible filaments will be
labeled by at most a single phalloidin, which is not expected to have a large influence on their stability.
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A challenging aspect of the FCS measurements in live fragments as compared to bulk measurements (or e.g., measurements in the
cell body) is that lamellipodium is very thin (0.2 mm) and so has to be precisely located in the focus of the laser beam to within few
hundreds of nanometers (i.e., less than the axial width of the beam waist). This is hard to achieve in a microscopy system, especially
with the fragments moving over large distances. Invariably, a significant fraction of fragments are imaged slightly out of focus. The
effective sampling area in this case is larger than in the proper focal plane, leading to larger apparent diffusion times. These measurements might have led to an artificially inflated variability in the data. However, they can be dismissed based on the apparent molecular
brightness: FCS correlation function at short timescales multiplied by the average photon count rate gives the specific brightness of
labeled molecules. This quantity is very sensitive to the overall alignment of the optical system, and, in particular, to the location of the
measurement plane. Indeed, in all of our measurements which exhibit low molecular brightnesses we observe increased apparent
diffusion times (as well as an increased spread in the diffusion times). We dismiss such data and keep only measurements with high
molecular brightnesses for which there is no obvious correlation between these two quantities. Typically this means dismissing more
than half of the data (those with the lowest brightnesses).
The correlation functions measured in fragments are fit with a model assuming simple 2D diffusion, since the height of the
lamellipodium is much smaller that the axial beam waist (2 mm) so the diffusion in the third dimension is irrelevant. Explicitly, we
determine the best fit for the correlation function to: Gnorm ðtÞ = g0 =1 + t=t D , where g0 ; tD are taken as fit parameters. The fit range
is taken as 0.1-100 ms for actin and phalloidin, and 0.01-100 ms for the free dye. Since diffusion times of phalloidin and actin are
in the millisecond timescale, there was no need to account for triplet dynamics (which is in the few ms timescales). We used the
simplest possible model since it is characterized by a single parameter – diffusion time - which can be compared consistently between different measurements, while giving reasonably good fits in the relevant range of timescales (Figure S3). The effective diffusion coefficient is directly determined from the diffusion time as, D = w2xy =4tD , where wxy = 0:29mm is the determined beam waist
radius.
To measure the relative abundance of diffusing oligomers relative to the total amount of filaments we use the amplitude of the Alexa
Fluor 488-phalloidin FCS signal. During the FCS measurements we continuously illuminate a spot within the lamellipodium, which is
fixed in the lab frame (and hence moves away from the leading edge in the cell frame of reference). As the network is stationary in
the lab frame of reference, the network signal bleaches within a short distance from the leading edge, after which essentially
all the measured counts emanate from diffusing filaments. Thus, the average FCS count rate in the lamellipodium is proportional
to the amount of labeled diffusing filaments. However, since the labeling efficiency varies considerably between fragments (due
to the variable amount of labeled probe introduced by electroporation), we need to calibrate the labeling efficiency for each fragment
individually to deduce the fraction of diffusible filaments. This is done by imaging the same fragment in scanning confocal mode
immediately before the FCS measurements (using the same illumination setting used for FCS) and determining the total fluorescent
signal in the lamellipodium. The average background-subtracted pixel intensity in the lamellipodium will be proportional to the total
amount of phalloidin. To compare the pixel intensities to the FCS count rate, we determined the (instrument-dependent) calibration
factor, relating the pixel intensity in an image to the measured FCS count rate, by measuring both signals on a calibration sample
containing Alexa Fluor 488 in solution.
To obtain the fraction of diffusing filament, we determine the ratio between the average FCS count rate and the average lamellipodial fluorescent signal in individual fragments. The FCS count is proportional to the diffusible phalloidin fraction, whereas the total
fluorescence in the lamellipodium is proportional to the entire phalloidin pool (both network-bound phalloidin and diffusible
phalloidin). The fraction of mobile filaments is thus determined as: (average FCS counts in the lamellipodium) / (average background-subtracted pixel intensity in the lamellipodium) * (calibration factor).
Estimate of oligomer size from FCS results
The oligomer shape can be approximated well as by oblate ellipsoid with one of the half-axis equal to the effective radius of an actin
filament, r = 3.5 nm [48], and the other half-axis equal to the half-length of the oligomer, l/2. According to low Reynolds numbers’
hydrodynamics, the formula that gives the ratio of the viscous drag of lengthwise movement of such an ellipsoid to that of a sphere
of radius r, has the form fl = l=3r=lnðl=rÞ  0:5, and similarly for the sidewise movement, fs = 2l=3r=lnðl=rÞ + 0:5 [49]. Note that these
formulae describe the drag of an oligomer in the limit r < < l. This is the relevant limit in our case, as the estimate below shows.
The effective diffusion coefficient for an oligomer is equal to, Do = ðDk + 2Dt =3Þ = ðDð1=fl Þ + ð2=fs Þ=3Þ, where D is the diffusion
coefficient of a sphere of radius r [50]. The effective radius of an actin monomer is r~ 2.5 nm, so the diffusion coefficient of a monomer
is r=r~ 1.4 times higher than that of a sphere of radius r. Thus, the ratio of monomer to oligomer diffusion coefficients is equal to:
ð1:433fl fs =2fl + fs Þ. According to our measurements (Figure 4C), this ratio is equal to 3, and so, ð1:4fl fs =2fl + fs Þz1, where
fl = ðl=3r=lnðl=rÞ  0:5Þ; fs = ð2l=3r=lnðl=rÞ + 0:5Þ. We solve these algebraic equations and find, l z 35nm. Note that this estimate is
close to the mesh size of the actin network, 50 nm [3], and so the sidewise movement of oligomers would be partially hindered
and oligomer would move easier by reptation, lengthwise through the cytoskeletal pores. Therefore, we likely overestimate the oligomer length, but not significantly.
Quantitative image analysis
Image analysis is done using the celltool package developed by Zachary Pincus [51] and custom written code in MATLAB [31].
Fragment morphology is measured by representing fragment shapes as polygonal outlines. Briefly, fragment shapes are manually
determined by using the ‘‘magnetic lasso’’ tool in Adobe Photoshop to trace the edge of each fragment, based on phase-contrast
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images. Outlines are extracted from the masks to derive a series of (x,y) points corresponding to the fragment boundary. Each series
is resampled to 200 points, evenly spaced along the boundary. Finally, the outlines are mutually aligned to bring the shapes into a
common reference frame. The distributions for different probes along a cross section perpendicular to the leading edge are
measured in individual fragments by averaging over 10 contour points (out of 200 contour points) around the center of the leading
edge, along the cross section. Cross sections are plotted as a function of the normalized distance from the leading edge, along
the front-to-rear axis (front-to-rear distance = 1).
Modeling
Mathematical predictions from simple conceptual models of actin transport
The initial hypothesis regarding actin turnover in motile cells was simple [52]: long actin filaments were assumed to span the lamellipodium and treadmill, with their barbed ends growing at the leading edge and their pointed ends shortening at the very rear (Figure S1Bi). Diffusion was thought to be responsible for recycling actin monomers from the rear to the front. In this model, transport
of actin both in the network and as monomers is global: the network flows rearward (in the framework of the moving cell) across
the entire cell before turning over, while monomers released at the rear diffuse across the whole cell before reassembling into the
network at the leading edge. Straightforward analysis (below) shows that this model is inconsistent with experimental data, and
instead brings forward two possible limiting scenarios: the network treadmilling model [8–10], in which actin assembly occurs primarily at the leading edge with slow network disassembly everywhere (global network turnover; Figure S1Bii), and the nucleation-release
model [11, 12], where rapid actin assembly and disassembly take place throughout the lamellipodium (local network turnover;
Figure S1Biii).
Let us investigate the simplified equation for actin network turnover and transport: ðvF=vtÞ =  VðvF=vxÞ  rF + aF.
In this equation, we do not consider the details of network assembly, and simply lump them into an effective constant assembly
rate a, which makes this equation self-consistent. The equation is complemented by a boundary condition for the network density. At
the leading edge, we take the network density to be a constant Fð0Þ = F0 . At the rear ðx = LÞ, we assume that all the filaments that flow
into the boundary convert into monomers and oligomers. The stationary solution of this equation is then: F = F0 exp½ððr  aÞx=VÞ.
In the filament treadmilling model, there is no turnover of the network throughout the lamellipodium, so r = a = 0. In this case the
actin network concentration should be constant across the cell, F = F0 , while the monomer concentration would have a steep
gradient, decreasing from rear to front, facilitating a diffusive flux of monomers toward the leading edge. However, observations
in cells show that the lamellipodial actin network density decreases away from the leading edge [12, 31, 45], indicating that there
is net actin network disassembly throughout the lamellipodium. Thus, any feasible model of lamellipodial actin turnover has to incorporate a slow net rate of actin disassembly everywhere, whereas models assuming that network disassembly is confined to the rear
boundary (e.g., [52]) are inconsistent with the data.
The identification of the branching activity of Arp2/3 and the establishment of the dendritic nucleation model [8], led to the network
treadmilling model (Figure S1Bii) [9, 10] which suggested that Arp2/3 mediated assembly of short branching filaments occurs near the
leading edge, while gradual actin network disassembly takes place throughout the lamellipodium. In this model, actin turnover is
global, as assembly occurs primarily at the leading edge and monomers have to travel across the cell from their disassembly site
to the front. This scenario is supported by FRAP measurements in melanoma cells by Lai et al. [16]. In the simplest version of the
network treadmilling model, there is only disassembly, but no assembly, throughout the lamellipodium, so a = 0; rat s0, and
F = F0 exp½ðrat x=VÞ. Thus, in this model, the predicted network actin density decreases exponentially away from the front.
However, measurements of photoactivated actin in motile keratocytes showed that the network turns over much faster than the
time over which the cell moves one body length [13]. These results prompted the nucleation-release model, which posited that short
actin filaments appear, elongate and disassemble rapidly throughout the lamellipodium (Figure S1Biii). This model, in which actin
network turnover is local, with rapid cycles of assembly and disassembly throughout the lamellipodium, is further supported by single
molecule fluorescence speckle microscopy measurements in fibroblasts [12], and by a number of recent studies in neutrophil-like
cells [14] and neuroblastoma cells [15]. In the nucleation-release model, there is rapid assembly and disassembly, nearly balancing
each other, throughout the lamellipodium: rnr > anr > 0; rnr  anr < < rnr . The predicted network actin density also decreases exponentially away from the front, F = F0 exp½ððrnr  anr Þx=VÞ, and if rat = rnr  anr then the network actin density is exactly the same as in
the network treadmilling model. Thus, to distinguish between these two models, at least one rate, either r or a, has to be measured, in
addition to observations of the actin network density profile.
To sustain a steadily moving front, cells have to maintain a sufficient concentration of monomers near the leading edge. Moreover,
when cells initiate motility in response to chemical cues, they are able to recruit monomers to assemble a new leading edge within
seconds [53]. These requirements set stringent demands on the efficiency of actin transport and turnover. Simple estimates show
that if actin network assembly is confined to the leading edge, diffusion is fast enough for recycling monomers back to the leading
edge [54]. However, if the network turns over locally, so that actin monomers can reassemble into the network everywhere, the effective diffusion-based monomer transport rate could slow down considerably, making diffusive transport insufficient to account for
observed cell speeds and response times.
Fit for the barbed ends’ distribution
We take the measured distributions of the uncapped barbed ends in a population of fragments (Figure 2; Figure S5B; N = 137), and
P
average the measurements over the population as follows. We define, BðxÞ = ð1=NÞ N
j = 1 Bj ðxÞ, where Bj ðxÞ is the measured distributh
tion in the j fragment as a function of the relative distance to the leading edge (assuming front-to-rear distance, L = 10mm). We
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normalize the result, defining, bðxÞ = ðBðxÞ= 0 BðxÞdxÞ. Then, we fit this averaged distribution to a function of the form,
bðxÞ = l1 + l2 expðx=l3 Þ. The best fit is the function:
bðxÞz0:6 + 1:6 3 expðx=3:3Þ

(Equation 1)

where l1 = 0:6 and l2 = 1:6 are non-dimensional, while l3 = 3:3 mm and x are measured in mm (Figure S5B).
The influence of membrane tension on protrusion
The membrane tension at the leading edge of motile fragments is T 300 pN/mm [55]. We estimate the number of filaments abutting
the membrane at the leading edge, based on the filament labeling experiments (Figures 1A–1C), to be N 400/mm. Thus, the load
force per filament is f = 2T/N 1.5 pN. Both theoretical estimates [45], and experimental measurements [56], suggest that this force
is well below the stall force for a pushing filament. Furthermore, application of a load force at the leading edge [57] and indirect
measurements reported in [45], suggest that this force does not slow polymerization at the leading edge dramatically. We use the
polymerization ratchet formula, Vzdkon gF; F = efd=kB T [54], and the estimated load force per filament, to estimate the influence
of load on the speed of protrusion. The mechanical factor, F, responsible for slowing down protrusion due to load, is less than 1,
but not much less: if f = 1.5 pN, F = efd=kB T = expð1:532:7=4Þz0:4. In the calculations, we use the value F = 0:5.
Model of actin turnover, boundary conditions and numerical methods
We first consider the average bulk concentrations of polymerizable monomers (g), non-polymerizable monomers (G), oligomers
(short diffusing filaments which are disconnected from the network, f), and network actin (F). We assume that network actin disassembles into oligomers, and then oligomers disassemble into monomers, which in turn can switch between a polymerizable and a
non-polymerizable form (Figure 5A). The average bulk concentrations for the four actin subpopulations (F, f, G, g) can be determined
based on our experimental results and the assumption that the assembly rate of polymerizable monomers in vivo is similar to the
measured rates in vitro. Importantly, since we know the amount of filamentous actin in absolute numbers (Figures 1A–1C), we
can infer all the actual actin concentrations, giving: F z800 mM, f z400 mM, G z1200 mM, and g z20 mM (Figure 5A).
To specify the model, we need five effective reaction rates: network disassembly rate r, oligomer’s disassembly rate c, monomer
assembly rate a, and the rates of transition between the polymerizable and non-polymerizable monomers, b and k (Figure 5A). We
directly measure only one of these rates, r z0.25/s (Figure 3), but can infer the other rates from flux balance analysis (Figure 5A).
At steady state, the number of actin subunits per unit time transitioning from the network into oligomers, rF, has to be equal to
the number of subunits flowing from oligomers to monomers, cf, as well as to the number of monomers assembling back into the
network, ag. Thus, rF = cf = ag, so that, c = rF/f z 2r z0.5/s, and a = rF/g z40r z10/s. The parameter a can also be estimated
independently from the in vitro actin polymerization rate, kon, and the measured density of uncapped barbed ends (see below).
This estimate agrees well with the value obtained based on flux balance analysis, providing a consistency check for the model.
The transition rates between polymerizable and non-polymerizable monomers, should similarly be related at steady state by a flux
balance relation: bg = kG (Figure 5A). To specify these transition rates separately, we introduce a second model assumption that the
rate of actin-thymosin dissociation (which is assumed to mediate the transition of an actin subunit from the non-polymerizable monomer pool to the polymerizable one) is the same as that measured in vitro, so that k z2/s [43, 44]. In this case, b = kG/g z120/s. Note
that this rate can also be independently assessed by multiplying the in vitro rate of actin-thymosin association, 1/mM 3 s [4, 44] by
the thymosin concentration which is estimated to be hundreds of mMs, giving the same order of magnitude value, again demonstrating the model’s consistency.
After specifying the rate constants for the different actin reactions, we can study the spatial dependence of the model in the cell
frame of reference explicitly, by incorporating rearward drift of the actin network (V) and diffusion of oligomers (Df ) and monomers (D ).
We use a 1D model to describe actin densities along the anterior-posterior direction (Figure 5B), since our microscopy data and
numerous published results [3, 31, 45] indicate that changes in actin densities occur primarily along the front-to-rear axis, with little
variation in the lateral direction (except for the very sides). Furthermore, the thickness of the lamellipodium in the dorsal-ventral
direction is so small, that diffusion would equalize all diffusible actin densities along this axis, while the spatial distribution of the
network on such small scale does not affect turnover and transport dynamics. Our model is thus described by a set of 1D
reaction-diffusion-drift equations for the four actin subpopulations (in the cell frame of reference; Figure 5B). The three additional
transport parameters for this model are all measured experimentally. Specifically, the rearward drift of the actin network (which is
equal to cell speed) is V z 0.2mm2/s [31], and the diffusion coefficients for monomers (both polymerizable and non-polymerizable)
is D z 15mm2/s, and for oligomers, Df z 5mm2/s (Figure 4C). Below we consider the influence of cytoplasmic fluid flow [58], and show
that the observed flow rates have a negligible effect on transport compared to diffusion (Figure S5A).
The network assembly rate is expected to be proportional to the product of the local densities of the polymerizable monomers
g and the uncapped barbed ends’ b. For simplicity, we fit the measured uncapped barbed ends’ distribution to an exponential
function (Figure S5B), and use the fit as an input in our calculations (see Equation 1 above). The third, and last, assumption of the
model is that the network disassembly rate is proportional to local actin network density. This is the simplest plausible model for
network disassembly, in which network filaments disassemble at a constant rate r, and this rate is uniform across the fragment. Moreover, recent work shows that this assumption holds in the lamellipodium of HL60 and B16-F1 cells [14].
There are thus four model equations (Figure 5B):
vF
vF
= V
 rF + abðxÞg
vt
vx

(Equation 2)
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vf
v2 f
= Df 2 + rF  cf
vt
vx

(Equation 3)

vG
v2 G
= D 2  kG + bg
vt
vx

(Equation 4)

vg
v2 g
= D 2 + cf + kG  bg  abðxÞg
vt
vx

(Equation 5)

where b(x) is given by Equation 1. Equation 2 is a first order PDE, with a drift term with a constant velocity directed to the right. Therefore, at the leading edge, x = 0, we use a boundary condition that: Fð0Þ = F0 . In other words, we define the network actin density at the
leading edge. We estimate the value of the parameter F0 from our measurements in the following manner. The actin filament concentration at the leading edge is 1.8 mM (Figure 1B). Considering that our analysis suggests that the oligomer concentration is nearly
uniform and is on the order of 0.4 mM, we take F0 = 1.8-0.4 mM = 1.4 mM in the calculations. Note also that, as we show below, the
reaction terms in the model equations are much faster than the transport terms, so the network actin density throughout the fragment
can be approximated by the ratio of the source and sink terms: F  ag=r. From this expression we can estimate the network density,
F  ag=r 10 s-1 3 20mM 3 4 s 0.8 mM, which turns out to be of the same order of magnitude as the value taken for F0 . This is the
reason we do not observe any singularity in the boundary layer near the leading edge (see below).
At the rear, numerically, we simply let the network actin accumulate at the grid point corresponding to x = L. The value of the
network actin density at the rear stabilizes because of the constant disassembly. In order to smooth the actin distribution at the
rear, we introduce a small diffusion term close to the rear; physically, this can be justified by the observation that at the rear, the actin
network, weakened by disassembly, is collapsing and deforming significantly [27], and probably randomly. As a result, the numerical
solution predicts a peak in the network actin density at the rear, which is indeed observed (Figure 1B).
We take no-flux boundary conditions for the parabolic equations for the oligomer and non-polymerizable actin monomer concentrations, both at the front and at the rear, as well as for the parabolic equation for the polymerizable actin monomer concentration at
the rear (monomers and oligomers cannot escape or enter the fragment). Derivation of the complex boundary condition for the
polymerizable actin monomer concentration at the front follows the balancing argument in [54]: the flux of the network actin from
the leading edge toward the rear is equal to F0 V. This flux is balanced by the diffusive flux of the polymerizable actin monomers
into the leading edge F0 V = Dðvg=vxÞ. On the other hand, Vzkon dgð0Þ3F. Therefore, we use the boundary condition:
vg=vx j x = 0 = ðF0 Fkon d=DÞgð0Þ. At each computational step, we compute the fragment speed as, Vzkon dgð0Þ3F. Thus, there are
five parameters needed to define the boundary condition and compute the velocity; two parameters, kon ; d, are known from many
studies, we measure the values of D and F0 , and estimate F (above).
We use the finite difference method to solve the model equations numerically. The forward-time-centered-space method is used
for the parabolic PDEs (Equations 3, 4, and 5; the temporal and spatial steps are chosen so that the stability condition is satisfied), and
the first order forward time – upwind scheme is used for the hyperbolic PDE (Equation 2), with Courant–Friedrichs–Lewy stability condition satisfied [59]. We checked the solution converges to the same, unique, asymptotically stable, stationary solution from any initial
conditions. The m-file for simulating the actin distributions using MATLAB is appended (Methods S1).
Scaling and dimensional analysis of the model
We rescale the model equations to make them dimensionless, using the inverse disassembly rate, T = 1=r as the timescale, and the
half-fragment length, X = L=2 (with L = 10 mm) as the spatial scale. We choose the characteristic scales of the concentrations,
F; f; G; g, using the following considerations. The scales for F; G are of the same order of magnitude as that of the total amount of
actin, A = F + f + G + g and so we choose F = A; G = A. We choose two other scales using the balances of the average concentrations
(the balances of the reaction terms in the model equations): rF = cf; kG = bg. Thus, f = ðr=cÞA; g = ðk=bÞA. Using these scales, the
model equations can be re-written as:
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For notational simplicity, we keep the original notations for all concentrations, time and space variables, while in fact in Equations 6, 7,
8, and 9 the variables are F=F; f=f; G=G; g=g; t=T; x=X. The great utility of this scaling is that, first, it allows us to understand the
behavior of the actin distribution in terms of a hierarchy of key timescales. Second, it allows us to investigate the monomer density
at the very leading edge by perturbation analysis (see below). Third, using it we can find an approximate solution analytically. Finally,
we use the scaling to investigate the model’s sensitivity to the parameter values.
The model behavior is determined by the values of three non-dimensional transport parameters and five non-dimensional reaction
parameters. The scaled network assembly rate is, ak=rb 1. The flow of the actin network is slow relative to the rates of network
assembly and disassembly: 2V=rL  0:15. Diffusion of monomers is relatively fast compared to the rates of network assembly
and disassembly: 4D=rL2 4, and of the same order of magnitude as oligomer disassembly ðc=r  2Þ, but considerably slower
than fast de-sequestration of the monomers (k=r 8), which in turn is much slower than very fast monomer assembly ðb=k  60Þ,
which is still much slower than the super-fast sequestration of monomers ðb=r  500Þ. Diffusion of oligomers is comparable to
the rates of network assembly and disassembly: ð4Df =rL2 Þ 0.8.
One of the conclusions from this hierarchy of timescales is that on a very fast scale, 0.01 s, the polymerizable and non-polymerizable monomer densities equilibrate, so the polymerizable monomer density becomes proportional to the non-polymerizable monomer density. For dimensional variables, we have the relation: g = ðk=bÞG. On the scale of 1s, oligomer density becomes proportional
to the network actin density, and on the scale of ten seconds, the actin network density becomes steady, and diffusion spreads the
~ = G + g. Adding Equations 4 and 5,
monomers across the fragment. Indeed, it is very useful to consider the total monomer density, G
~ we obtain the following equation:
taking into account that on the fast timescale cf = rF and using the same scale, A, for variable G,

 
~ 4D v2 G
~ 
vG
ak
~ :
=
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(Equation 10)
+ F
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vx
Equation 10 has profound implications: monomers as a whole diffuse much faster than they undergo assembly, so their density
become essentially constant across the fragment. Using non-dimensional variables, g = const;
R L G = const; f = F = ðak=rbÞbðxÞg (with
different constants for g and G). Using dimensional variables, and taking into account that, 0 bðxÞdx = 1, we obtain,
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(Equation 11)

Equations 6, 7, 8, and 9 constitute a singular perturbation problem. The only non-trivial part of this problem is the behavior of the
polymerizable monomer density near the leading edge. In principle, this density could sharply plunge down at the leading edge
due to monomer consumption at the leading edge, leading to local monomer depletion there. To investigate this problem, we
take Equation 9 and drop the term in the last bracket because it is negligible compared to the sequestration-desequestration reaction
2
term: ðvg=vtÞzð4D=rL
Þðv2 g=vx2 Þ + ðb=rÞðG  gÞ. Then, we introduce a new spatial variable in p
the
boundary
layer at the leading
pﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
ﬃﬃﬃﬃﬃﬃﬃﬃ
ﬃ
edge: x = zy; z = 2ð D=b=L Þ < < 1. In dimensional terms, the width of the boundary layer is  D=b z0.35 mm and is hence not
experimentally observable. Using this rescaling, the stationary distribution of the polymerizable monomers is given by the equation:
pﬃﬃﬃﬃﬃﬃﬃ
ðd2 g=dy 2 Þ + ðG  gÞ = 0. The non-dimensional rescaled boundary condition is: vg=vy j y = 0 = ðF0 Fkon d= DbÞgð0Þ. The parameter
pﬃﬃﬃﬃﬃﬃﬃ
ðF0 Fkon d= DbÞ  1, which implies that there is no significant depletion of monomers at the leading edge, and even in the boundary
layer the polymerizable monomer density remains roughly constant.
Independent estimate of the network assembly rate a
There are 400 mm of filaments per mm2 in the lamellipodium (Figure 1C). Considering that each filament in the lamellipodium is a few
tenths of a micron long (supported by multiple studies, reviewed in [1]), there are 1000 filaments per mm2 in the lamellipodium.
Assuming that a non-negligible fraction of them are uncapped, we estimate the area density of uncapped barbed ends in the
lamellipodium to be on the order of, B 100 ends per mm2. Then,  kon Bg monomers per second are assembling per mm2 in the lamellipodium. A concentration of 1 mM corresponds to 100 molecules per 1 mm2 in the lamellipodium (assuming a lamellipodial
height of h = 0.2mm [3]), so the assembly rate in the lamellipodium will be  kon Bg=h mM monomers per second per mm2, where
h 100/(mM 3 mm2). This estimate should be equal to the assembly term, abg, in the model equations. The variable b is non-dimensional and is normalized to 1, so the estimate for the dimensional parameter is: a  kon B=h  (10/mM 3 s) 3 (100/mm2)/
(100/mM 3 mm2) 10/s, which is the same number we obtain from the flux balance analysis (Figure 5A). Note, that the exact value
of the critical actin concentration, the value of which is well-known in vitro but can vary a few-fold in vivo due to the presence of
various actin binding proteins, does not significantly affect the model’s results.
Another consistency check is the following balance: Growing barbed ends at the leading edge extend the lamellipodium by 1 mm
in 5 s (since V0.2 mm/s), and so per micron of leading edge, one square micron of the actin network is assembled in 5 s. In the
middle of the lamellipodium, there are about two-fold fewer growing barbed ends and almost the same polymerizable monomer concentration as at the leading edge. Thus, considering that the network density is roughly two-fold lower in the middle compared to the
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leading edge, the growth of these barbed ends has to rebuild the average network density in 5 s. Therefore, the disassembly rate
has to be 1/(5 s), as observed (Figure 3).
Finally, note that keratocyte are one of the fastest moving cells so it likely that the concentration of actin and associated protein is
higher in keratocytes than in other cell types. Moreover, fragments are pieces of lamellipodium that tore away from the main cell and
the actin concentration tends to be enriched in the lamellipodium, so we expect the bulk concentrations of actin in fragments to be
somewhat higher than in whole keratocytes, Thus, the bulk actin density we measure is high, but of the same order of magnitude,
compared with measurements of the actin concentration in the lamellipodia of other cell types [3, 17], which is entirely feasible.
Cytoplasmic fluid flow has a negligible effect on transport
The easiest way to understand the relative effects of diffusion and cytoplasmic flow on the distribution of diffusible actin is to consider
the diffusion-drift equation without the reaction terms with no-flux boundary conditions: ðvG=vtÞ = Dðv2 G=vx2 Þ  Vf ðvG=vxÞ, where Vf
0.05 mm/s is the cytoplasmic flow in fragments (Figure S5A). The stationary solution of this equation is Gfexp½Vf x=D, and so the
ratio of the concentrations of diffusing actin at the rear to that at the front is, exp½Vf L=D, where L 10 mm is the fragment’s length. For
monomers, D z 15mm2/s, so, exp½Vf L=D z1.03; for oligomers, D z 5mm2/s, so exp½Vf L=D z1.1. Thus, the effect of the measured
flow on the monomer distribution is of the order of 3% relative to that of diffusion and is completely negligible. Similarly, the effect on
the oligomer distribution is 10%, which is still relatively small. Numerical computations show that inclusion of the reaction terms does
not increase the negligible effect on the monomer distribution, and diminishes the effect on the oligomer distribution even further.
Another indication that fluid flow of this magnitude has little influence on actin turnover comes from comparing fragments and
whole cells. The measured fluid flow in whole cells [58], is roughly of the same magnitude but is directed in an opposite way (because
myosin-generated pressure is more prominent at the rear of cells compared to fragments and this pushes the fluid toward the leading
edge in cells [58]). Despite this difference in the direction of fluid flow in the lamellipodium (rearward in fragments versus forward in
whole cells), the actin dynamics in cells and in fragments are essentially the same.
Balance of the diffusive and drift fluxes
We checked numerically that for the stationary numerical solution of the model equations reported in the main text (Figure 6A), the
total actin flux, J = VF  Df ðdf=dxÞ  DðdðG + gÞ=dxÞ, is equal to zero everywhere with high accuracy, as expected at steady state.
Thus the network actin flux rearward is exactly balance by the diffusive flux of actin monomers and oligomers. It is easy to estimate
the expected monomer concentration gradient. First, we can omit the effect of oligomers, because they diffuse slower than monomers, their concentration is much smaller than that of monomers, and their spatial concentration gradient is of the same order of
magnitude as that of monomers. Thus, VFzDðdðG + gÞ=dxÞ  DðDðG + gÞ=LÞ, where L 10 mm is the fragment length, and
DðG + gÞ is the difference in monomer concentrations between front and rear. Therefore, DðG + gÞ  ðVL=DÞhFi, where hFi is the
average network actin concentration. According to our measurements, hG + giz1:5hFi, and so ðDðG + gÞ=hG + giÞ  ð2VL=3DÞ
0.09. Thus, the difference in the monomer concentrations between front and rear is less than 10% of the average monomer
concentration.
Note about the diffusion of monomers and oligomers in a fragment with variable height
Using the volume marker, we measured the height profile h(x) in fragments, which is not uniform. Rigorously speaking, for the diffusion part of the reaction-diffusion equations we have to write [54]: ðvg=vtÞ = Dðv2 g=vx2 Þ + ðD=hÞðvg=vxÞðvh=vxÞ + R, where R are the
reaction terms. Namely, we have an additional term ðD=hÞðvg=vxÞðvh=vxÞ in the right hand side. However, the relative magnitude of
this additional term compared to the main diffusion term, is on the order of Dh/h, where Dh is the standard deviation of the height h(x)
of the fragment. The ratio Dh/h is much less than 1, so this additional term introduces only small corrections. The same arguments
apply to all other reaction-diffusion equations in the model, and a similar argument applies to the reaction-drift equations. Moreover,
we solved the model equations including this term with a function h(x) corresponding to the measured height profile h(x) of fragments,
and found very little difference from the fixed-height model predictions.
Model robustness and sensitivity to parameter values
Our model provides a coarse-grained picture of lamellipodial actin turnover. We do not consider explicitly the many detailed
molecular processes involved in actin dynamics in vivo, including but not limited to ATP hydrolysis [1], accelerated actin assembly
by profilin [60], stochastic effects [61, 62], the influence of the complex molecular ‘polarizosome’ machinery at the leading edge [63],
and many other complex and synergistic actions regulating the dynamics, topology and structure of actin networks [7, 64]. Incorporating all these details into a model is not yet possible since the biochemical details are still unfolding, and many of the rates required
to calibrate such a model are currently unknown. Importantly, however, we find that our model and its conclusions are extremely
robust.
The data show that the fragments’ lengths vary about two-fold; these variations do not affect the model predictions significantly.
There are three transport parameters in the model: the fragment speed V and two diffusion coefficients (D, Df). Few-fold variations in
any of these parameters do not change the model predictions. Greater variations in the length and the transport parameters are very
unlikely. The uncapped barbed end distributions (function b(x)) exhibits substantial spatial variations between fragments. According
to the model predictions, the network actin distribution is proportional to the uncapped barbed end distribution (because of the diffusion and transport effects, F(x) has a smoother profile than b(x), plus the peak at the rear). Thus, variations in the function b(x) cause
proportional variations in the function F(x), which is in fact observed (Figures 6C–6E).
We vary the rate of oligomer disassembly, c, by an order of magnitude, and expectedly, find that this proportionally changes the
average oligomer concentration, but the respective spatial distribution of oligomers and all the other actin species do not change. The
rate of actin network disassembly, r, cannot be much faster than observed (Figure 3): it takes a filament an order of one second to
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grow before getting capped, and it is unlikely that individual filaments are stable for less than a few seconds. Decreasing the value of
this parameter by up to a few-fold does not change any of the model results qualitatively.
The rate of monomer assembly a, can in principle vary significantly, as its value is estimated from in vitro data. The monomer assembly rate in vivo cannot be much higher than the measured in vitro rate, because monomer assembly is diffusion limited [1].
Of course, there are effects of thymosin (thymosin-bound monomers were shown to be specifically used for formin-mediated elongation at the leading edge [15]) and profilin (that steers polymerization to formin-bound barbed ends). The model, however, shows
that a limited, few-fold, increase of the monomer assembly rate does not change the results qualitatively. It is very probable that the
respective in vivo assembly rate is slower, even by an order of magnitude. Remarkably, significant slowing down of the assembly only
improves the model’s qualitative behavior (monomer recycling being global and monomer density being constant). Indeed, a lesser
rate of monomer assembly would keep the monomers in the cytoplasm longer. The only change in this case, according to the model,
is an increase in the average polymerizable monomer concentration, which would be inversely proportional to a. If a decreases by an
order of magnitude, g increases to 200 mM, which is still much less than the predicted non-polymerizable monomer concentration.
The rates k and b are also estimated based on in vitro data, and thus could vary by an order of magnitude in vivo. For the model’s
predictions to remain qualitatively unchanged, two strong inequalities have to hold: b >> a, b >> k. These conditions ensure that the
non polymerizable actin pool is large and exchanges rapidly. Variations in these parameters simply change average concentrations of
the monomer species, but do not affect any crucial temporal or spatial scales. The second of these inequalities is extremely robust,
because we estimate the value of b to be greater than that of k by two orders of magnitude. The rate a is very unlikely to be faster than
that in vitro, and so the rate b can vary at least by a few-fold without affecting the model’s behavior.
Of course, if all the parameter values are changed at once by a few-fold, our conclusion about the global character of monomer
recycling and the uniformity of the monomer distribution could be violated. However, the scaling analysis allows the following simple
conclusions: if four inequalities, ðD=rL2 ÞR1, b > > a; r; k, are valid, then so are all qualitative model predictions. Regardless of the
molecular details involved, this ensures that the diffusible actin monomer transport is global and that the monomer density is insensitive to spatiotemporal fluctuations.
Other possible actin reaction networks
We did not consider explicitly many known reactions (the complete list of these reactions can be gleaned from [54]). In addition, the
assumed core topology of the reaction network could be somewhat different. Here we consider five modifications to the actin reaction network (Figure S4), and argue that these changes do not affect the principal conclusions of the model. First, we add profilin and a
respective few fold acceleration of the monomer assembly reactions (arrows marked ‘1’, Figure S4). Mathematically, this would mean
the addition of an equation for the concentration of G-actin-profilin, which would be relatively trivial. We tested the results for known
concentrations of profilin and reaction rates [54, 65], and did not find any nontrivial changes in the model predictions. If the rate of
elongation is faster due to the presence of formins, the estimate of the polymerizable actin monomer concentration needed to explain
the observed actin polymerization rate would be even lower, making our main point that most of the diffusible actin is not potent for
polymerization even more dramatic.
Similarly, it is relatively trivial to add G-actin-cofilin and respective reactions to the model (arrows marked ‘20 , Figure S4). Again, the
addition of such a term, for known concentrations of cofilin and reaction rates [54, 65], does not lead to any nontrivial changes in the
model predictions. Similarly, reactions with a number of other actin binding proteins could be added, but this only makes the model
more cumbersome without changing its qualitatively interesting features.
Assembly of monomers onto the ends of oligomers (arrow marked ‘30 , Figure S4) is also a plausible possibility. We tested this, and
as far as the rate of monomer assembly onto oligomers does not exceed the rate of oligomer disassembly, the results do not change.
As discussed in the main text, the oligomers can also slowly reassemble into the actin network (arrow marked ‘4’, Figure S4). This
process is, in general, unlikely, and at most it is much slower than monomer assembly. Mathematical tests show the model’s
predictions do not change if slow oligomer reassembly is included.
One intriguing possibility is that some of the non-polymerizable actin pool is in the form of actin dimers or trimers which diffuse
nearly as fast as monomers. If these actin multimers appear from breaking of larger oligomers, and if their assembly into the network
can be neglected, then a reaction shown in Figure S4 with an arrow marked ‘50 has to be introduced. We find that adding this reaction
does not change the model’s predictions about the nature of network turnover and monomer recycling. The only change in this case
is that density g(x) is no longer uniform, and starts to depend on the local actin network density.
The model, of course, does not contain the molecular details of disassembly, including hydrolysis, Arp2/3 being dissociated from
pointed ends, the effect of various cofactors, etc. Adding these details, and especially, nucleotide-specific assembly and disassembly rates could introduce a non-uniform distribution of the actin network disassembly rate, which again would not change the
model’s predictions, other than introducing deviations from the network density being exactly proportional to the uncapped barbed
end density.
Dynamics of lamellipodial actin turnover and their implications for motility
To understand the implications of having a vast non-polymerizable diffusible actin pool (containing both oligomers and non-polymerizable monomers), we perform numerical experiments simulating the system’s response to various changes in actin network
dynamics in space and time (Figure S6). We compare four different scenarios (Figure S6A); in the first scenario we consider the model
described above, in which the concentration of non-polymerizable monomers (G), and oligomers (f) is large (G, f >> g; b = 120/s,
c = 0.5/s). For comparison, we consider other scenarios in which we modify the monomer sequestration rate (b) and the oligomer
disassembly rate (c), to make the pool of non-polymerizable monomers and/or oligomers much smaller. Specifically, in the second
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scenario, we assume the rate of monomer sequestration b is equal to the monomer de-sequestration rate k (i.e., b = 2/s), so G is substantially reduced, G zg. All other reaction rates and concentrations (f, g, F) are assumed to be the same. In the third scenario, we
also substantially increase the oligomer disassembly rate, taking c = 50/s. The oligomer concentration becomes negligible, because
oligomers disassemble very fast. Thus, in this scenario we have G zg and f z0. In the fourth scenario, we essentially eliminate the
non-polymerizable diffusible actin pool entirely, by taking b = 0.02/s and c = 50/s, so that, G zf z0.
First, we examine the stability of the polymerizable monomer concentration at the leading edge (and hence the stability of cell
speed). We introduce temporal fluctuations to the model by varying the network assembly rate at front of the cell periodically over
time. Specifically, we vary both the parameter F0 (the boundary condition for network density at the leading edge) and the amplitude
of the function b(x) (describing the density of uncapped barbed ends). From our experimental observations, we assess the typical
amplitude for actin network density fluctuations to be tens of percent (Figure 1), over typical timescale of tens of seconds (e.g., as
shown in Ofer et al. [31]). Thus, in our numerical experiment, we choose to vary the network density by 30% (both F0, and the
amplitude of b(x)) with a time period of 20 s (Figure S6B). The computed polymerizable monomer concentration at the leading
edge fluctuates little (Figure S6Bi). This is easy to understand: the rapid exchange with the vast non-polymerizable, diffusible monomer pool buffers fluctuations. In contrast, without the large non-polymerizable actin pool, the polymerizable monomer concentration
exhibits substantial fluctuations (Figures S6Bii–S6Biv), which would translate to large variations in speed over time.
Second, we consider the time it takes the system to respond to an abrupt change in actin dynamics (Figure S6C). There is evidence
that cofilin activation is involved in the process of motility initiation after chemotactic activation [66], so we analyze how a sudden local
increase in network disassembly influences actin dynamics across the cell. To that end, we examine the effect of an abrupt increase
in network disassembly at the trailing end, on the polymerizable monomer concentration (and hence cell speed) at the leading edge.
We find that released monomers reach the opposite edge of the cell within seconds, so that the monomer concentration rises to a
new steady state level at the front within seconds (Figure S6Ci). Thus, a local increase in disassembly, anywhere in the cell, makes it
possible for a cell to assemble a new leading edge within seconds.
Interestingly, when the non-polymerizable actin monomer pool is small (G zg), it still takes just a few seconds for the polymerizable
monomer concentration at the leading edge to increase (Figure 6Cii). It turns out that this is due to the relatively rapid diffusion of
oligomers, which can also contribute to transport of disassembled actin to the leading edge. Indeed, it takes 1/c z2 s for oligomers
to disassemble into monomers according to the model, and during this time, according to the measured oligomer diffusion rate
(Figure 4C), oligomers diffuse over distances of the order of 5mm, which is equal to half the lamellipodial width. To show that the
oligomers are indeed responsible for rapid actin transport when the non-polymerizable actin pool is small, we simulate a scenario
in which oligomers disassemble rapidly (c = 50/s), so the steady state oligomer concentration is close to zero (Figure S6Ciii). We
find that after an abrupt increase in network disassembly at the rear, the polymerizable monomer concentration at the leading
edge increases partially over just 1-2 s, but then continues to increase toward a new steady state over 20 s (Figure S6Ciii). It turns
out that the initial rapid increase is due to the non-polymerizable actin monomer pool: even if this pool is small, it takes 0.5 s for the
sequestered monomer to switch to the polymerizable form, and over this time, a monomer can diffuse 4 mm. Thus, half of the
released monomers (the other half is polymerizable and reassembles immediately) can diffuse over large distances immediately after
the abrupt increase in local disassembly. To confirm that in the absence of both oligomers and non-polymerizable actin monomers,
the transport of actin becomes very slow, we simulate the model in a fourth scenario (G zf z0). Indeed, we find that in this case, the
effect of enhanced disassembly at one side of the cell, reaches the other side slowly, over 20 s (Figure S6Civ): monomers released
from the network reassemble rapidly in the vicinity of their disassembly site, so they are able to reach the opposite cell edge only after
many cycles of disassembly-diffusion-reassembly. The actin monomer transport thus becomes local, and it takes considerably
longer for subunits to traverse across the cell. Thus, a large non-polymerizable actin monomer pool, or a large oligomer pool assisted
by even a small non-polymerizable monomer pool, are sufficient for making actin monomer transport global, and facilitating a rapid
(few seconds) response to internal or external cues. Yet, in the absence of all non polymerizable diffusible actin subpopulations
(G zf z0; scenario (iv)), actin monomer transport becomes local, and the system response to cues is much slower than the time
it takes an actin monomer to diffuse across the cell.
Thus, we demonstrate that when actin disassembly rate fluctuates over time, fluctuations of the polymerizable actin are substantially suppressed due to the buffering effect of the large non-polymerizable pool (Figure S6B). Similarly, the large non-polymerizable
actin pool will buffer spatial variations in actin dynamics (e.g., a local increase in the number of growing barbed ends), and hence
suppress fluctuations in protrusion rates along the leading edge. On the other hand, if network disassembly is enhanced at one
side of the cell, released actin subunits become available at the other side within seconds (Figure S6C). These predictions are in
agreement with observations of chemotactically activated neutrophils which build a new leading edge within seconds [53], and
experiments in breast cancer cells showing that actin from the cell body is incorporated at the leading edge within 10 s [15].
The model predicts that the polymerizable monomer distribution is proportional to the non-polymerizable monomer distribution to
a high degree, due to the fast exchange between the polymerizable and non-polymerizable actin pool. This keeps the polymerizable
monomer concentration near the leading edge essentially insensitive to local depletion by many growing barbed ends, as was
predicted by earlier simplistic models [54, 67]. This feature of actin turnover makes cell speed robust, yet highly amenable to regulation, for example, by changing the concentration of actin sequestering proteins. To further understand actin turnover during nonsteady migration, more detailed experiments and modeling will be needed.
Lastly, the proposed model makes it possible for a cell to rapidly increase the total amount of network actin if needed, without
comprising the concentration of polymerizable monomers or cell speed. Such changes are observed experimentally in keratocytes
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that are perturbed by abruptly increasing their membrane area by fusing giant liposomes [68], or in breast cancer cells that increase
their area after stimulation [18]. Similarly, experiments in leukocytes showed that 10-30 s after chemoattractant activation, both the
actin network density and speed increase, while the total diffusible actin pool decreases [46]. In the model, this is achievable by simply decreasing a single parameter (b), basically, unloading some of the reserve non-polymerizable monomer pool into the network.
This can be done by deactivating thymosin, for example. Without the large non-polymerizable actin pool, increasing the amount of
network actin necessarily comes at the expense of decreasing the amount of polymerizable monomers, and hence would slow cells
down.
Additional discussion of relevant pathways of actin turnover
Recent research shows that the molecular pathways of actin disassembly are complex, and involve the synergistic action of a host
of actin-binding proteins, including coronin, cofilin, Aip1, twinfilin, and Srv2/CAP [22–25]. Similarly, actin assembly involves both
Arp2/3 and/or formin and their relative importance and respective roles are still open questions in the field [69, 70]. It is also not
possible currently to measure or infer the actin monomer concentrations available for assembly by either of these nucleators.
Many additional biochemical details, such as the specific actin isoforms present, will influence the kinetics of nucleation and
assembly. Moreover, the stability of filament nucleated by the different nucleators could be different (e.g., due to the effects of tropomyosins). Thus many biochemical details relating to actin assembly and disassembly dynamics in the lamellipodium are still not
well-understood, certainly not in a quantitative manner.
Another issue to consider is the interaction and competition between different actin structures in the cell. Typically, several distinct
actin structures coexist within a cell. While these structures can vary in their biochemical composition, many of their components,
and in particular actin, are shared. This implies that the dynamics of the lamellipodial actin network are coupled to other cellular actin
structures. While this is not relevant for fragments which are essentially stand-alone lamellipodia, most motile cells have additional
prominent actin structures including the lamellum, the cortex and stress fibers (e.g., [15, 29]). There is evidence that the turnover rates
differ significantly among these different actin substructures [15, 16, 71, 72], and that the actin exchange between them is complex,
combining global and local recycling [15]. In addition, myosin contraction [27] and local tension on filaments [73] can contribute
nontrivially to actin disassembly rates. The mechanisms for actin transport between different structures across the cell can also
involve additional transport mechanism. In particular, diffusion can become insufficient for monomer transport in very long cells,
or in cells that lack the vast non-polymerizable monomer pool. In such cells, directed actin transport, by fluid flow [38, 58] or motor-assisted transport, could become important for monomer transport. In principle, actin could also be synthesized de-novo locally
near the leading edge by specific mRNAs delivered by microtubule-based molecular motor [74].
Trying to tease out all the details regarding actin assembly and disassembly in the lamellipodium is thus a formidable task, which is
beyond the scope of our current manuscript. Our aim here is to provide a coarse overview of actin turnover in the lamellipodium,
despite the lack of detailed understanding of actin assembly and disassembly dynamics in the lamellipodium. The limited current
understanding of the microscopic details involved precludes the ability to describe the system with a truly microscopic model.
Yet, the coarse grained picture we present is still useful and provides new insight, even though it cannot answer detailed mechanistic
questions.
In the future, our conclusion of the globally distributed assembly in the lamellipodium will have to be reconciled with previous reports that photo-activated actin monomers seem to add mostly at the leading edge in live cells [15]. Aside from the obvious possibility
that the actin dynamics are inherently different in the different cell types, we would like to note that the barbed ends labeling in extracted cells and the photo-activation experiments do not report exactly the same thing. Photo-activation experiments report on actin
incorporation in live cells, which depends both on the availability of free barbed ends and on the local assembly rate which will determine how many actin monomers will be incorporated per free barbed end per unit time. The free barbed ends labeling experiments
are done under uniform assembly conditions so every free barbed end is labeled with the same efficiency. There are many proteins
that can modulate the actin assembly rate, e.g., formins. It is possible that the difference between our results on the spatial distribution of free barbed ends, and the patterns of actin incorporation in lamellipodia observed in the photo-activation experiments, are due
to local variations in the actin assembly rates, rather than differences in the distribution of free barbed ends.
Difficulties of measuring monomeric actin concentrations directly
The pool of actin monomers in cells is composed of multiple subpopulations, which differ in their ATP/ADP state and in the variety of
possible monomer binding partners (e.g., profilin, thymosin, cofilin). Importantly, the size and characteristics of the monomer pool
available for polymerization in cells are unknown, and there are currently no direct ways to measure them. In vitro measurements
of actin assembly rate, 10/mM 3 s [43], indicate that 10mM of actin monomers would assemble onto growing barbed ends at a
rate of 100 monomers per second. Given the nm-scale size of a monomer, this translates to a growth rate of 0.1 – 0.3 mm/s, comparable to the speed of rapidly moving cells like keratocytes. Thus, if most of the diffusible actin (> 100 s mM) were available for
assembly, the actin polymerization speed would be orders of magnitude higher than the fastest observed cell speeds, unless filament
growth at the leading edge was considerably slowed down by an opposing force (e.g., due to membrane tension). Alternatively, the
majority of actin monomers could be sequestered, e.g., by thymosin, making them unavailable for polymerization. In this scenario, the
sequestering proteins would also need to be present at high concentrations, in the hundreds of mMs range [4]. The concentration of
polymerizable actin in this scenario would be much lower than the total actin monomer concentration, but would still have to be high
enough (at least 10 mM) to support the observed polymerization rates. Another puzzle is how cells are able to maintain a monomer
concentration which is considerably higher than the critical actin concentration which is even lower in the presence of profilin [4, 75].
The funneling hypothesis [76] proposed that many uncapped pointed ends in the cell are leaking monomers faster than in vitro
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disassembly rates, with the help of cofilin and other cofactors, creating a higher concentration of actin monomers which facilitates
rapid growth of fewer uncapped barbed filaments. However, the funneling hypothesis, was recently challenged [77]. To add to this
complexity, there is also emerging evidence for the presence of several biochemically distinct pools of actin monomers assembling in
a spatially segregated way to structurally different actin networks [15].
Direct measurements of the monomeric actin concentration in cells are notoriously difficult. Early use of fractionation of cell extracts and the DNase I inhibition assays gave widely distributed estimates for the diffusible actin concentration in cells, between
10 – 300 mM (reviewed in [4]). Subsequent experiments, comparing the intensity of actin fluorescence before and after extraction
of the diffusible actin fraction in B16-F1 mouse melanoma cells [17], or using fluorescent decay after photoactivation in breast cancer
cells [18], indicated that the concentration of actin monomer is in the range of hundreds of mMs. The photoactivation experiments
were further used to show that the actin monomer concentration is roughly uniform across the cell [18]. The spatial distribution of
actin monomers in cells was examined by staining cells with actin monomer binding probes, such as DNaseI and Vitamin D Binding
Protein (VDBP). The staining intensity increased from front to rear in fibroblasts [19], but exhibited higher levels near the leading edge
in nerve growth cones [20, 21]. It is unclear what subpopulation of actin is detected in these staining experiments since the probes’
binding sites overlap with the some of the binding sites for actin binding proteins such as profilin, gelsolin and thymosin [78–81]. Note
that the latter results, which suggest that the monomer concentration at the leading edge is higher than elsewhere, are not consistent
with diffusive monomer transport to the leading edge, since diffusion can only drive monomers down a concentration gradient.
Open questions and relevance to other cell types
Our results show that the actin network in keratocyte fragments turns over locally, undergoing multiple cycles of disassemblyreassembly over the duration of the actin array treadmill. This seems to be a common feature of lamellipodial motility. Indeed, in keratocytes crawling slowly in cold temperatures, Theriot and Mitchison [13] found that the turnover time is 23 s, while it takes about
200 s for the actin array to treadmill from front to rear, at a speed of 0.05 mm/s across a 10mm long lamellipodium, so there are
10 cycles of reassembly across the lamellipodium. Similarly, in Xenopus fibroblasts, the turnover time is 30 s, while the treadmill
duration is about 300 s (L/ v 8 mm / 0.025 mm /s) [12]. In fast-moving neutrophil-like cells, Lewalle et al. found that there are about
8 cycles of actin turnover as the lamellipodium moves one body length with speed similar to keratocytes [14]. Similarly, 8 cycles of
actin turnover per treadmill were found in the neuroblastoma cells’ lamellipodia [15]. However, in other systems, the pattern is
different: there are significantly fewer reassembly cycles in slow (0.05 mm /s) mouse melanoma cells with very narrow lamellipodia
(2 mm), in which the treadmill duration is 40 s, and the actin turnover time is between 13 and 37 s [16], so there are only 1-3 turnover
cycles.
One of the central findings of this work is that actin monomer transport in lamellipodial fragments is global. The model predicts that
the concentration of diffusible actin will be nearly constant in the cell, due to the large subpopulation of non-polymerizable monomers. Evidence from several other cell types suggests that this is a feature characterizing lamellipodial dynamics in other cells as
well. For example Kiuchi et al. [18], showed that the diffusible actin concentration is roughly uniform across the cell in breast cancer
cells. Furthermore, our model predicts that the leading edge protrusion should decrease if thymosin concentration is increased
locally, since the local concentration of polymerizable monomers is expected to drop. This is exactly the observed effect of
photo-activation of caged thymosin in motile keratocytes [82]. Recent studies in other cell types show that the recycling patterns
can be more complicated [15, 83]. For example, studies in breast cancer cells show that actin monomers incorporating into the leading edge originate both from a global cytosolic pool and locally from recycled lamellipodial network actin, and that inhibiting thymosin
hinders global, but not local, recycling [15]. Similarly, measurements in B-16 melanoma cells show that actin monomer transport
across the lamellipodium is rapid, but suggests that the redistribution of actin subunits from the cell body into the lamellipodium
can be delayed [83].
An important open question concerns the dynamic architecture of the actin network. Multiple observations provide clear evidence
that the lamellipodial network behaves as a coherent, mechanically connected, structure. In particular, high resolution analysis of the
lamellipodial actin network architecture by electron microscopy [84] show that the network is well-connected and that the filaments
are mostly oriented with their barbed ends toward the leading edge. Furthermore, functional analysis of the mechanical integrity of the
lamellipodium by direct application of forces on the cell body with a micropipette [85], as well as the coherence of the actin network
flow field measured by fluorescence speckle microscopy [27, 29], both indicate that the network is mechanically well-connected.
How does the lamellipodial network remain mechanically and structurally coherent if it turns over several times from front to rear?
While we cannot provide definitive answers to these intriguing questions, it is interesting to note that we consistently find a
considerable fraction of the network actin (up to 1/3 10% unrecovered fraction / 30% network fraction) which does not recover after
photobleaching (Figure 3C). These observations suggest that perhaps the network contains a subset of ‘scaffolding’ filaments that do
not turn over as rapidly, and help keep the overall network architecture intact, as nascent filaments branch off existent filaments.
What is the nature of these ‘scaffolding’ filaments? What could confer their enhanced stability? Currently there is no direct evidence
for scaffolding’ filaments, nor any knowledge of their molecular composition, but we can speculate about possible mechanisms. One
possibility is that the filaments’ stability is related to the type of nucleator that initiated them, as there is evidence for both Arp2/3 and
formin-based nucleation in the lamellipodium. This is supported by recent results showing that the filaments generated by different
nucleators have differential influence on protrusion dynamics and lamellipodial stability [69]. Stable filaments could also be defined by
selective, cooperative association with actin binding proteins, such as tropomyosins [86] or coronin [16]. Yet another exciting possibility is that scaffolding filaments are stabilized by tension [73].
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Another important question relates to the nature of the non-polymerizable actin monomer pool. Is thymosin-b4-governed sequestration the main factor that prevents monomers from polymerizing into the network? We do not have a good estimate for thymosin
concentration in keratocytes; physiological range of thymosin concentrations in other cells, reviewed in [4], extend up to 500 mM,
which is of the same order of magnitude, but still a few-fold less than what would be necessary for sequestering the 1 mM of actin
monomers we observe in keratocytes. Limited ADP/ATP exchange rates cannot account for the majority of sequestration, since the
rate of ADP-actin assembly is high enough to deplete the monomer pool to 0.1 mM, which is an order of magnitude less than
measured. Moreover, direct analysis of the nucleotide-binding state of actin in Xenopus extracts showed that most of the actin monomers are ATP-bound [87]. It is not out of the question that in some cell types, different isoforms of actin, with much slower polymerization kinetics, coexist in the lamellipodium, but we do not think this is sufficient to explain the limited effective monomer assembly
rates in keratocytes. To our minds, there are three intriguing possibilities other than thymosin that should be explored in the future.
One is that there are multi-repeat b-thymosins that are capable of simultaneously binding more than one monomer [88]. Another is
that monomers are actually the minority of the diffusible actin pool, and most of the actin is present as dimers and trimers that do not
polymerize as efficiently. Oligomers were shown to be able to assemble into the network [89]. However, the relevant rates for assembly of oligomers of different sizes have not been accurately measured, even in vitro, so this hypothesis still has to be examined.
Finally, estimates [65] suggest that up to a third of actin is transiently associated with the polymerization machinery (e.g., by being
bound to Arp2/3, VASP, formin, etc) [90]. More careful analysis on partitioning of the total actin pool in the future will help resolve this
important question.
QUANTIFICATION AND STATISTICAL ANALYSIS
The quantification of the data is detailed in the relevant sections above. No statistical analysis of the data was performed.
DATA AND SOFTWARE AVAILABILITY
The m-file for simulating the actin distributions based on the model equations (Equations 2, 3, 4, and 5) using MATLAB is appended
(Methods S1).
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Figure S1. Models for actin turnover in lamellipodial motility, Related to STAR Methods.
(A) Schematic illustration of actin turnover in a motile fragment. Polymerization of the
lamellipodial actin network drives protrusion at the leading edge. As new actin assembles at the
leading edge, the network is pushed rearward in the cell frame of reference and disassembles.
Actin subunits dissociate from the network into the cytoplasm, and eventually reassemble into
the network. (B) Different models for lamellipodial actin network turnover: (i) Filament
treadmilling: filaments assemble by polymerization at their barbed ends at the leading edge, and
disassemble from their pointed ends at the rear. (ii) Network treadmilling: the lamellipodial
network assembles primarily by polymerization at barbed ends at the leading edge, and slowly
disassembles throughout the lamellipodium. (iii) Nucleation release: lamellipodial protrusion is
driven by polymerization at the leading edge, but network turnover is local, with assembly and
disassembly occurring throughout the lamellipodium.

Figure S2. FRAP analysis of actin turnover in whole keratocytes, Related to Figure 3.
FRAP experiments are performed in whole keratocytes in the same manner as described in the
main text for keratocyte fragments (Figure 3). (A) Confocal images of a live cell electroporated
with two types of labeled actin, Alexa Fluor 647-actin (magenta) and Alexa Fluor 488-actin
(green). (B) Kymographs showing the intensity as a function of time along a line perpendicular
to the leading edge for the cell shown in (A). The bleached channel (magenta; Alexa Fluor 647actin) and the ratio between the bleached channel and the control channel (grey; Alexa Fluor
647-actin/ Alexa Fluor 488-actin) are depicted. Scale bar: 2µm. (C) The ROI ratio intensity
(Alexa Fluor 647-actin/ Alexa Fluor 488-actin) as a function of time after bleaching is measured
in individual cells, and normalized by setting the pre-bleach value to 1. The average normalized
ROI ratio intensity from a population of cells (N=16) is plotted as a function of time after
bleaching (line) together with the standard deviation (shaded region). The average recovery is fit
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intensity profiles from individual cells are fit to an exponential as in (C). A histogram of fitted
recovery times (τ) from individual cells is depicted. The average recovery time is 4.6 ± 2.6 sec
(mean ± std; N=16). (E) A histogram of the fraction of diffusible actin (= 1 – ΔR) in a population
of cells is shown. The average diffusible actin fraction determined from the FRAP experiments is
0.65 ± 0.15 (mean ± std; N=16). (F) FRAP analysis of actin turnover as a function of distance
from the leading edge. The recovery rate (top) and fraction of diffusible actin (bottom) are
determined from analysis of FRAP experiments performed in fragments (Figure 3) and whole
keratocytes (A-E). The results for individual fragments (left) and whole cells (right) are plotted
as a function of the distance of the bleached region from the leading edge.

Figure S3. FCS analysis of the diffusible actin pool in individual fragments, Related to
Figure 4. Left: Examples of the normalized FCS correlation as a function of lag time in
individual fragments for the different probes used: Alexa Fluor 488-actin, Alexa Fluor 488phalloidin and Alexa Fluor 488. The measured correlation functions (circles), are shown together
with the best fit to a simple 2D diffusion model (lines; see Experimental Procedures). Results
from two different fragments are depicted for Alexa Fluor 488-actin and Alexa Fluor 488phalloidin to illustrate the fragment-to-fragment variability. Right: The diffusion times for
individual fragments determined from fits to a simple 2D diffusion model (open circles) and their
average value (filled circles) are shown for each probe.

Figure S4. Alternative reaction networks for lamellipodial actin turnover, Related to
Figure 5 and STAR Methods. Schematic illustrations of five possible modifications of the actin
reaction network. These modifications are: (1) Addition of profilin-actin monomers which can
exchange with the polymerizable monomers, and assemble into the network. (2) Addition of
cofilin-actin monomers which are generated from disassembling oligomers and can dissociate
from cofilin to become polymerizable monomers. (3) Allowing assembly of monomers onto the
ends of oligomers. (4) Allowing assembly of oligomers into the actin network. (5) Adding
oligomer disassembly into non-polymerizable actin. All these alternatives reaction networks are
considered in the STAR Methods section, and shown not to affect the qualitative conclusions of
the model.

Figure S5. (A) Measurements of the intracellular fluid flow in motile fragments, Related to
Figure 5 and STAR Methods. The fluid flow in motile fragments is inferred from the flow
induced size-dependent distribution of probes as previously done in whole keratocytes [S1]. Top:
Fluorescence images of a live fragment showing the distribution of a small probe (left; Texas red
conjugated 3kD dextran), a large probe (middle; Fluorescein-conjugated 500kD dextran), and the
ratio between large probe to small probe (right). The large probe density is lower near the
leading edge. Bottom: Plots of the probes’ density, along a cross section perpendicular to the
leading edge, as a function of the normalized distance from the leading edge (top), and of the
ratio density (large probe/ small probe) as a function of the normalized distance from the leading
edge (bottom left) or actual distance from the leading edge (bottom right). The populationaverage densities (N=28; thick line) are plotted together with the standard deviation (shaded
region). The large probe density is diminished near the leading edge, consistent with a fluid flow
directed rearward in the frame of reference of the moving fragment. The magnitude of the flow
can be estimated from the size-dependent distribution of probes which is expected to be
exponential  exp V f x / D  , where D is the size-dependent diffusion coefficient and Vf is the
fluid velocity. The magnitude of fluid flow in fragments is similar to whole cells, but the fluid
velocity is directed in the opposite direction. Specifically, the fluid flow in fragments is directed
rearward, whereas in cells the flow is directed towards the leading edge. This difference is likely
due to the larger concentration of myosin at the cell rear, which generates pressure and drives
forward fluid flow. In both cases, as explained in the STAR Method section, the flow has a small
influence on the distribution of diffusible actin monomers and oligomers. (B) The distribution

of uncapped barbed ends. A fluorescence image showing the distribution of uncapped barbed
ends in a fragment (top) and a graph of the average intensity along a cross section perpendicular
to the leading edge as a function of the normalized distance from the leading edge (bottom). The
measured distribution of uncapped barbed ends (Figure 2D; grey line) is fit to a function of the
form: b  x   1  2  exp   x / 3  (red line). The best fit parameters are 1  0.6 and 2  1.6
which are non-dimensional, and 3  3.3 m (x is also measured inm). This functional form for
the uncapped barbed ends distribution is used in the model.

Figure S6 – Implications of the model with regards to the dynamic response of the
lamellipodium to perturbations, Related to STAR Methods. (A) The general properties of
lamellipodial actin turnover are highlighted by examining the system’s response to changes in
actin disassembly rates for four different scenarios: (i) the model described in the text which

includes large pools of oligomers and non-polymerizable actin monomers (G , f >> g); (ii) the
same model as (i), except for taking a lower rate of monomer sequestration ( = 2/sec), so the
size of the non-polymerizable actin monomer pool becomes comparable to the polymerizable
actin pool (G ≈ g, f >> g); (iii) same as (ii), adding a sharp increase in the rate of oligomer
disassembly (c = 50 /sec), so the oligomer concentration becomes close to zero (G ≈ g; f ≈ 0);
(iv) same as (iii), but imposing a further reduction in the rate of monomer sequestration ( =
0.02/sec), so the non-polymerizable actin monomer also becomes negligible (G ≈ f ≈ 0). (B) The
stability of lamellipodial protrusion is probed by varying the extent of assembly at the
lamellipodial front periodically by 30%, and following the concentration of polymerizable actin
monomers at the leading edge, as a proxy for cell speed. The large non-polymerizable actin pool
in model (i) buffers against fluctuations, leading to diminished (~ 15%) variation at the leading
edge. In contrast, in the absence of a large non-polymerizable actin monomer pool in scenarios
(ii-iv), large changes in the polymerizable actin monomer concentration (~ 40%) at the leading
edge are apparent, and would lead to significant variations in cell speed over time. (C) The
ability of the system to respond to external cues is examined by inducing a step-like, five-fold
increase in the actin disassembly rate at the rear quarter of the fragment, and following the
system’s response over time. The concentration of polymerizable actin monomers at the leading
edge is plotted as a function of time from the induced change, relative to its steady state levels
before and after the perturbation (dashed lines). In both models (i) and (ii), the concentration of
polymerizable actin at the leading edge increases to approximately its new steady state value
within ~ 3 seconds. The response time of the system is an order of magnitude longer in scenarios
(iii) and (iv). In scenario (iv), in the absence of both diffusing oligomers and a large, rapidly
exchanging, pool of non-polymerizable actin, it takes ~20 sec for the polymerizable actin
concentration at the leading edge to increase substantially.
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